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Abstract:

 Fish play a critical role in nutrient cycling and organic matter flow in aquatic environments. However, little is known about the microbial diversity within the gastrointestinal tracts that may be essential in these degradation activities. Panaque nigrolineatus is a loricariid catfish found in the Neotropics that have a rare dietary strategy of consuming large amounts of woody material in its natural environment. As a consequence, the gastrointestinal (GI) tract of P. nigrolineatus is continually exposed to high levels of cellulose and other recalcitrant wood compounds and is, therefore, an attractive, uncharacterized system to study microbial community diversity. Our previous 16S rRNA gene surveys demonstrated that the GI tract microbial community includes phylotypes having the capacity to degrade cellulose and fix molecular nitrogen. In the present study we verify the presence of a resident microbial community by fluorescence microscopy and focus on the cellulose-degrading members by culture-based and 13C-labeled cellulose DNA stable-isotope probing (SIP) approaches. Analysis of GI tract communities generated from anaerobic microcrystalline cellulose enrichment cultures by 16S rRNA gene analysis revealed phylotypes sharing high sequence similarity to known cellulolytic bacteria including Clostridium, Cellulomonas, Bacteroides, Eubacterium and Aeromonas spp. Related bacteria were identified in the SIP community, which also included nitrogen-fixing Azospirillum spp. Our ability to enrich for specialized cellulose-degrading communities suggests that the P. nigrolineatus GI tract provides a favorable environment for this activity and these communities may be involved in providing assimilable carbon under challenging dietary conditions.
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1. Introduction

Fish are a critical component of organic matter flow and nutrient cycling in the aquatic environment due to their trophic interactions and widespread distribution [1,2,3,4,5]. Using extinction simulations it has been estimated that fish could supply up to 75% of dissolved inorganic nitrogen in Neotropical river systems [5]. A number of dietary strategies—carnivory, insectivory, herbivory and omnivory—are employed by fish across the classes Agnatha and Gnathostomata. Each dietary regime will affect the abiotic and biotic environment and alter the resident GI tract microbial community of the fish [6,7]. It has been determined that the vertebrate GI tract of the host has a critical role in determining the diversity of the GI tract community [6]. However, the microbiome of the fish GI tract can play a number of roles in the overall health and performance of the fish, including development of the mucosal immune system [8], epithelial differentiation [9], vitamin production (e.g., B12 [10]), and competition and niche exclusion of enteric pathogens [11]. Little is known about herbivorous fish GI tract microbial communities, especially those from freshwater environments [12,13,14], which play a major role in carbon and nutrient cycling in these environments.

The Loricariidae family of Neotropical catfish consists of 80 genera with approximately 830 characterized species [15,16]. Reports of algae, detritus, vegetal matter, seed, and benthic matter consumption by loricariids are common [17,18,19] and they are generally classed as omnivorous [20]. Furthermore, consumption of wood is unique to the genus Panaque (Eigenmann and Eigenmann) (Heckel) [20] and Hypostomus cochliodon [21]. These xylivorous Loricariidae have distinctive musculature around the suckermouth and robust, fully mineralized, spoon-shaped teeth [20,22,23]; both adaptations are believed to allow the fish to adhere to and ingest submerged woody materials. Field observations and gut content analysis confirm that Panaque spp. consume allocthonous sources of carbon in the environment, e.g., terrestrial woody debris [20,24], and wild caught Panaque cf. nigrolineatus “Maranon” contained up to 75% wood in the GI tract [25]. Studies on other herbivorous fish have revealed the presence of a diverse hindgut microflora responsible for producing short chain fatty acids via fermentation, which are absorbed and metabolized by the fish [12,26]. However, comprehensive studies examining digestive enzyme activity levels, concentration of fermentative end-products, and gut transit time indicate that Panaque are detritivores and do not obtain energy directly from the digestion of wood [25,27], although the fish do swallow microbes associated with the wood and by-products generated by microbial wood degradation within the GI tract [28]. Thus, the Panaque GI tract provides an interesting environment—a vertebrate host GI tract enriched in cellulose and other recalcitrant wood compounds—offering an attractive system for discovery of new microbial species and novel enzymes.

Degradation of cellulose requires a complex system of enzymes, often working synergistically [29]. In a recent study comparing different fish species from Brazil, microbial functional diversity assessed with BIOLOG, indicated that adaption for organic matter degradation was high [30]. Cellulose degradation can occur either aerobically or anaerobically [31] and is a widely distributed activity across bacterial genera [32]. Invertebrate model systems (termites and wood-boring shipworm) are well characterized and have provided insight into unique and complex degradation pathways [33,34,35,36,37]. Although cellulose degradation activities have been detected in a wide range of microbes, it requires specialized enzymes due to the presence of β-1,4 glycosidic linkages that join the repeating glucose monomers [38]. Other biopolymers present in wood (e.g., lignin) increase cellulose recalcitrance to microbial attack [39,40]. Increasingly, enzymes involved in cellulose degradation are an area of great interest due to their role in the global carbon cycle [31], potential in biofuel production [41] and other commercial applications.

In a previous study, we examined 16S rRNA gene clone libraries created from the microbial communities associated with the foregut, midgut, hindgut, and auxiliary lobe (AL) of P. nigrolineatus [42]. Our results revealed the presence of diverse and different communities in these GI tract regions, with phylotypes having high levels of 16S rRNA gene sequence similarity to Clostridium xylanovorans and Clostridium saccharolyticum, dominating the midgut community. However, the hindgut was dominated almost exclusively by phylotypes with the highest 16S rRNA sequence similarity to the Bacteroidetes phylum. In the present study, we focused on culturable microbial communities associated with cellulose-degrading microbial species from different areas of the GI tract of P. nigrolineatus to begin understanding functional roles and activity in the GI tract. By utilizing an enrichment approach, microbial populations involved in cellulose degradation were examined by molecular cloning and DNA stable-isotope probing (DNA-SIP) techniques. Our results show that the Panaque GI tract possesses a specialized group of microorganisms that may play a role in providing assimilable carbon under challenging dietary conditions.



2. Experimental Section


2.1. Fish Maintenance and Sacrifice

P. nigrolineatus were imported from Rio Xingu, Peru, through commercial wholesale distributors (AquaScape Online, Belleville, NJ, USA). The fish were wild caught and not treated with antibiotics and ranged in size from 5.1 to 8.3 cm standard length. Upon receipt, individuals were randomly assigned to 40 L glass aquaria where they were acclimated to 29 °C aerated, filtered tap water. Fish were fed a mixed diet of hearts of palm (Euterpe precatoria) (Edward and Sons, Carpinteria, CA, USA), algae pellets (Hikari Tropical Sinking Algae Wafers, Hayward, CA, USA), and date palm wood (Phoenix dactylifera) during an acclimation period of three weeks. Following acclimation, fish were anaesthetized using 3-aminobenzoic acid ethyl ester (MS-222, Sigma Chemical Co., St. Louis, MO, USA), (25 mg/L) so that initial body mass and standard length could be recorded. Fish were immediately transferred to individual 19 L plastic jugs containing aerated tap water kept at 29 °C inside a heat-controlled room and fed only autoclaved palm wood for the following 28 days. A 30%–40% water change was performed every four days. Room lights remained off approximately 23 h per day to encourage feeding and limit algae growth as a potential uncontrolled source of food. During maintenance periods, burlap sheets were used to dim room lights and tanks were covered with black plastic. Fish were sacrificed by anesthetic overdose in MS-222 (200 mg/L), and immediately placed in an anaerobic glove bag (Cole Parmer, Vernon Hills, IL, USA) under a N2 atmosphere (zero grade, 99.998% purity) for dissection. After removing the ventral body plate, sterile ice-cold phosphate buffered saline (PBS) was added to the abdominal cavity. The intestine was separated immediately distal to the stomach, removed from the body cavity, uncoiled, and measured rapidly in cold PBS. The auxiliary lobe an organ vascularly connected to the midgut region and whose function is unknown, was separated from the intestine which was divided into three parts of equal length from anterior to posterior ends.



2.2. Fluorescence Microscopy

Following dissection on ice, GI tract tissue was immediately fixed in either Carnoy’s solution (60% absolute ethanol, 30% chloroform, 10% acetic acid) for 2 h at 4 °C or 4% phosphate buffered formalin (pH 7.0) for 2 h at room temperature. The Carnoy’s fixed samples were placed directly in cold 100% ethanol and stored at −20 °C for later processing. Formalin-fixed tissues were washed twice with cold PBS for 15 min. followed by dehydration in a graded ethanol series. Tissue samples were equilibrated in a 30% sucrose solution overnight at 4 °C before being embedded in Tissue-Tek O.C.T. Compound (Torrance, CA, USA). Samples were immediately frozen in a cold ethanol bath and stored at −20 °C until sectioning. Tissues were serially sectioned at 10 µm at −25 °C using a Sakura Tissue-Tek Cryo3 (Torrance, CA, USA). Sections were immobilized on Superfrost Plus slides (VWR International, Radnor, PA, USA) and stored at 4 °C until staining. Tissues were then stained with 1× SYBR green for 2 min. in the dark and rinsed once with deionized water. Sections were imaged using a Zeiss Axioskop microscope using a BioRad Radiance 2100 Laser Scanning System at 488 nm.



2.3. Enrichment Cultures

Anaerobic enrichment cultures were established for all three regions of the GI tract as well as the tank water and wood. The media was prepared with microcrystalline cellulose as the sole carbon source (Acros Organics, Fairlawn, NJ, USA) and included 15 mg resazurin, 750 mg sodium thioglycolate, 15 g microcrystalline cellulose, 1.0 mL 2× vitamin solution (DSM Medium 141), 150 mL 5× M9 salt solution (64 g Na2HPO4, 15 g KH2HPO4, 2.5 g NaCl, 5.0 g NH4Cl per 1.0 L), pH 7.4, made up to 750 mL with dH2O, anaerobically as described previously [43]. Cultures were generated in duplicate by placing half of an intact GI tract region (fore-, mid-, and hindgut) into a 20 mL Hungate tube with 10 ml of anaerobic media. Cultures were also generated from the tank water and wood used to feed the fish. For the tank water cultures, 500 µL of water was injected directly into sealed Hungate tubes. Wood samples were prepared by cutting several small (~0.5 cm3) sections from the wood’s surface using a sterile scalpel. Approximately 10 sections were used to inoculate each enrichment culture. Tubes were sealed and cultures were incubated at 22 °C on a rocking platform. After 5 days of incubation, 250 µL of culture were removed and used to inoculate 10 mL of fresh media. Cultures were incubated for an additional 5 days at 22 °C on a rocking platform prior to DNA extraction.



2.4. Extraction of Microbial DNA

Total DNA was extracted from all second-passage enrichment cultures. Briefly, cultures were vortexed vigorously and inverted for one minute to allow insoluble cellulose to settle. Using a syringe, 1.0 mL of supernatant was removed and DNA was extracted using the Wizard genomic DNA purification kit (Promega Corp., Madison, WI) according to the manufacturer’s instructions.



2.5. DNA Sequencing and Analysis

Microbial community 16S rRNA genes were amplified using universal bacterial primers 27F.1 (5'-AGAGTTTGATCMTGGCTCAG-3') [44] and 1392R (5'-ACGGGCGGTGTGTAC-3') [45]. PCR amplification was performed using a BioRad s1000 thermal cycler with Qiagen Taq PCR master mix (Germantown, MD) and the following parameters: initial denaturation step of 3 min. at 94 °C followed by 30 cycles of denaturation for 1 min at 94 °C, annealing for 1.5 min at 58 °C, elongation for 1.5 min at 72 °C, followed by a final elongation for 10 min at 72 °C. The size and yield of PCR products were verified by gel electrophoresis. Amplified 16S rRNA genes were ligated into pCR 2.1 vector (Invitrogen, Carlsbad, CA, USA) according to the manufacturer’s instructions and ligation products were used to transform One Shot Top 10 chemically competent cells (Invitrogen, Carlsbad, CA, USA). Prior to sequencing, clones were cultured in 200 μL of a phosphate buffered terrific broth (TB) (180 μL TB; 20 μL KH2PO4 [0.17 M] + K2HPO4 [0.72 M]) in medium-binding microtiter plates at 37 °C for 19 h at 300 RPM. Plasmid preparation and sequencing was performed by the Institute of Marine and Environmental Technology BioAnalytical Services Laboratory. Sequences of the partial 16S rRNA gene of representative clones were submitted to GenBank [48]; accession numbers for enrichment library clones are KC000008-KC000102. Recovered sequences were trimmed automatically and vector sequence was removed using the NCBI VecScreen program. Trimmed sequences were identified using the NCBI Basic Local Alignment Search Tool optimized for highly similar sequences (megablast). Uncultured and environmental samples were excluded from the results. The trimmed sequences were also imported into Mega 5 and automatically aligned pairwise using MUSCLE followed by manual adjustment. Phylogenies were constructed by the neighbor joining method using the Kimura 2-parameter distance model with 10,000 bootstrap resamplings. All default parameters were used.



2.6. DNA Stable-Isotope Probing (SIP)

Enrichment media were prepared using a minimal salts media with cellobiose as the sole carbon source (Pfanstiehl Laboratories, Inc., Waukegan, IL, USA) as previously described [46]. Tissue samples (100 mg) were placed into a sterilized mortar and pestle and ground with 1 ml sterile PBS and subsequently serially diluted. Media were inoculated with GI tract samples (three replicates) and incubated in the dark at 29 °C for 30 days. Aerobic cellobiose enrichment cultures derived from each fish GI tract section were subjected to SIP as described by Neufeld et al. [47]. Briefly, samples were prepared by adding 0.65 g 13C-labeled cellulose from maize (Sigma, St. Louis, MO, USA) to 150 mL of minimal media (800 mL distilled H2O, 200 mL 5× M9 salts solution, pH 7.4) and inoculated with 1.0 mL of enrichment culture in triplicate for each GI tract section. Control cultures containing unlabeled cellulose were prepared and treated in the same manner. Samples were placed in serum vials, sealed and incubated for 36 days at 28 °C. DNA was extracted directly from these enrichments using bead-beating disruption followed by phenol-chloroform extraction. Separation was performed using a CsCl density gradient with a VTi80 rotor (Beckman Coulter, Brea, CA, USA) at 140,000 × g and 20 °C for 72 h. After centrifugation, fractions across the gradient were collected and DNA was processed by PCR, cloning, and sequencing as described above. Sequences of the partial 16S rRNA gene of representative clones were submitted to GenBank [48] with accession numbers JN169765-JN169780.




3. Results and Discussion

Wood-eating Panaque spp. provide an attractive system to examine microbial communities associated with a high cellulose-enriched vertebrate GI tract. Fluorescence microscopy of non-aqueous Carnoy’s-fixed tissue stained with DAPI (Figure 1) revealed a distinct mucus layer adhering to the intestinal wall that was extensively colonized by microbial bacillus and coccoidal cells. This mucus layer was most prevalent in the foregut, but also extended into the mid- and hindgut regions. This structure was often seen attached to the epithelial lining, but occasionally extended into the lumen contacting the digesta, which is likely a result of the mucus pulling away from the intestinal wall during tissue dehydration. Attempts to visualize a mucus-associated community in 4% paraformaldehyde-fixed tissues were unsuccessful, which may be explained by the inability of formaldehyde-based fixatives to preserve mucus [49]. Non-fixed mucus is easily destroyed by the mechanical forces of the wash steps. These findings may explain the discrepancy between results reported here and those of German (2009) who examined the GI tract of Panaque sp. using scanning electron microscopy of 4% paraformaldehyde-fixed tissues and reported the absence of any bacterial cell conglomerations. Although qualitative, the highest densities of microorganisms could be observed in the mucus membrane; however, bacteria could also be detected attached to wood particles.

Figure 1. Epifluorescence microscopy of SYBR Green stained semi-thin serially sectioned foregut tissue.
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Microbial bacillus and coccoidal cells are clearly visible colonizing a mucosal layer (M) adherent to the intestinal wall (I). The intestinal wall is characterized by high levels of fluorescence due to eukaryotic nuclei (E). Scale bar represents 5 µm.




Our previous study describing the microbial diversity of the GI tract using a molecular approach detected a population of putative cellulose degrading bacteria [42]. To examine this population further and gain a better understanding of activity potential, cultivation-based methods were applied in the present study. Enrichment cultures were established to gain an understanding of the bacterial species capable of cellulolytic degradation present within the GI tract. Minimal media, containing cellulose as the sole carbon source, were inoculated using different sections of GI tract, tank water, or wood under anaerobic conditions. From these cellulose enrichment cultures, 16S rRNA gene clone libraries were generated and representative clones of prevalent OTU types were examined. The closest phylogenetic relatives for each OTU type are shown in Table 1.


Table 1. Sequence similarity of the 16S rRNA gene from isolates obtained from cellulose enrichment cultures inoculated with different GI tract regions from P. nigrolineatus.



	
Class

	
Phylotype Detected (Source*)

	
Closest GenBank Species (Accession No.)

	
% Sequence Similarity






	
Actinobacteria

	

	

	




	

	
KC000009 (FG)

	
Propionibacterium acnes (GU814270)

	




	
KC000071 (W)

	
“




	

	
KC000084 (WD)

	
Dermacoccus nishinomiyaensis (NR044872)

	
99




	

	
KC000082 (W)

	
Cellulomonas chitinilytica (JQ659654)

	
99




	
KC000097 (WD)

	
“




	
Bacilli

	

	

	




	

	
KC000067 (W)

	
Paenibacillus illinoisensis (D85397)

	
99




	

	
KC000081 (W)

	
Paenibacillus turicensis (JN378529)

	
97




	

	
KC000085 (WD)

	
Bacillus circulans (AB680477)

	
99




	
Bacteroides

	

	

	




	

	
KC000017 (FG)

	
Bacteroides xylanolyticus (FR850058)

	
99




	

	
KC000040 (MG)

	
“




	
Clostridia

	

	

	




	

	
KC000010 (FG)

	
Eubacterium contortum (EU980608)

	
99




	

	
KC000011(FG)

	
Clostridium xylanolyticum (AB601097)

	
99




	

	
KC000027 (FG)

	
Clostridium intestinale (AM158323)

	
99




	
KC000090 (WD)

	
“




	

	
KC000058 (HG)

	
Clostridium hathewayi (AY552788)

	
99




	

	
KC000018 (FG)

	
Anaerosporobacter mobilis (AY534872)

	
99




	
KC000038 (MG)

	
“




	
KC000049 (HG)

	
“




	
Flavobacteria

	

	

	




	

	
KC000048 (HG)

	
Elizabethkingia anophelis (EF426430)

	
99




	

	
KC000079 (W)

	
Cloacibacterium normanense (FJ544401)

	
99




	
α Proteobacteria

	

	

	




	

	
KC000087 (WD)

	
Pleomorphomonas koreensis (AB127971)

	
99




	
γ Proteobacteria

	

	

	




	

	
KC000008 (FG),

	
Enterobacter soli (GU814270)

	
99




	

	
KC000070 (W),

	
“




	

	
KC000028 (MG)

	
“




	

	
KC000030 (MG)

	
Enterobacter ludwigii (JN644550)

	
99




	

	
KC000013 (FG)

	
Aeromonas allosaccharophila (GU205192)

	
98




	

	
KC000016 (FG),

	
Aeromonas enteropelogenes (FJ940838)

	
99




	
KC000031 (MG)

	
“




	
KC000064 (HG)

	
“




	
KC000068 (W)

	
“




	

	
KC000032 (MG)

	
Aeromonas sharmana (NR_043470)

	
99




	
KC000073 (W)

	
“




	

	
KC000035 (MG)

	
Shewanella putrefaciens (AJ000213)

	
99




	

	
KC000051 (HG)

	
Acinetobacter junii (JN644576)

	
99




	

	
KC000098 (WD)

	
Moraxella osloensis (AB643595)

	
99






*FG—foregut; MG—midgut; HG—hindgut; wood—WD, or system water—W. 




The microbial communities obtained from the enrichment cultures were dominated by OTUs with sequence similarity to known xylan, hemi-cellulose, cellobiose and cellulose degraders, such as Clostridium hathewayi, C. intestinale, C. xylanolyticum, Cellulomonas chitinilytica, Bacteroides xylanolyticus, Anaerosporobacter mobilis, Enterobacter soli, Acinetobacter junii, Paenibacillus illinoisensis, Paenibacillus turicensis and Bacillus circulans (Table 1). In our previous 16S rRNA analysis, the cellulolytic community was dominated by members of the Clostridiales and Bacteroidetes group. This current study has expanded this community to include several species of gammaproteobacteria and Bacilliales as well as Actinomycetales. C. chitinilytica, C. xylanolyticum, A. mobilis, and E. soli have been identified in highly cellulose-enriched environments including wood chip piles [50] forest soils [51,52], cattle waste [53] and showed high levels of activity against several plant structural polysaccharides [53,54]. Although not cellulolytic, an additional phylotype, Enterobacter ludwigii, was identified in the midgut. This microorganism was previously isolated from the rumen of goats and found to produce tannases, which may increase the nutritional value of plant digesta [55].

Several OTUs identified in the enrichment cultures displayed similarities to bacteria not known to be cellulolytic, based on the physiology of related cultured specimens. These included P. acnes (KC000009 and KC000071), D. nishinomiyanensis (KC000084), P. koreensis (KC000087), and several species of γ Proteobacteria. These species were previously isolated predominantly from municipal wastewater bioreactors and clinical samples [56,57,58]. It is unclear what role these microorganisms contribute to fish health or nutrition, and if so, whether it is through either direct degradation of plant polysaccharides, providing vitamins, or through metabolic cross-feeding.





Expanding our BLAST analyses to include environmental and uncultured samples we found many sequences having high similarity (>99% identity) to those recovered from cellulose-rich environments. These included phylotypes similar to Clostridium intestinale (KC000027 and KC000090), Eubacterium contortum (KC000010), and Cloacibacterium normanse (KC000079), which were identified in corn-stover bioreactors [59], cow feces cellulose enrichment cultures (Accession No. GQ920790), and termite guts (Accession No. GQ502503), respectively. Since cellulose was the only carbon source available in the enrichment culture, these OTUs might represent previously unknown cellulolytic species or arose due to extensive metabolic cross-feeding by the cellulolytic population.

The specialized cellulose-enriched community was obtained in direct response to the nature of the selective conditions imposed—cellulose was the only carbon source present and, as such, reflects a subset of the GI tract microbial community. While we note that enrichment cultures are not a reliable indicator of in situ community diversity due to the shift in population numbers, they do provide a basis for isolating new species that may provide novel pathways for cellulose degradation after further study [31]. Consistent with our previous study [42], cultivation-based analysis resulted in the identification of distinct microbial communities in each of the tissue regions with the tank water sharing many phylotypes with foregut and midgut regions. Interestingly, OTUs obtained from the wood samples were largely missing from the GI tract, indicating that the wood is likely not the source of cellulolytic microorganisms that colonize the intestines as previously suggested [25]. This difference further suggests that the intestinal microbial community is stably maintained by the fish and spatially structured, as may be seen for the hindgut enrichment, which shares no phylotypes with the wood and only a single phylotype with the tank water, Aeromonas enteropelogenes, which was ubiquitous in all tissue regions (Table 1).

In the DNA-SIP procedure, cultures grown in the presence of 13C-labeled cellulose contained a DNA band after ultracentrifugation that was distinct from the unlabeled control culture (not shown); 16S rRNA gene libraries constructed from 13C-labeled bands for foregut, midgut and hindgut enrichments were compared to GenBank databases (Table 2). A number of DNA-SIP phylotypes were similar to enrichment culture clones, e.g., Clostridium spp., but also contained phylotypes closely related to other known cellulose degraders—Cellulosimicrobium cellulans, Pseudoxanthomonas mexicana, and Bosea thiooxidans as well as nitrogen-fixing Azospirillum spp. (not detected in the enrichment cultures). The presence of phylotypes with similar phylogeny to species having the capacity for nitrogen-fixation and cellulose-degradation is not unexpected given the very low nitrogen content associated with a wood diet and consistent with our finding of nitrogenase production in GI tract samples (McDonald, Watts and Schreier, manuscript in preparation).


Table 2. Sequence similarity of OTUs detected in 16S rRNA gene clone libraries generated from DNA-stable isoptope probing (SIP) using enrichments inoculated with different GI tract regions from P. nigrolineatus.



	
Class

	
Phylotype Detected (Accession No.) and Source*

	
Closest GenBank Species (Accession No.)

	
% Sequence Similarity






	
Actinobacteria




	

	
SIP9D (JN169776) HG

	
Cellulosimicrobium cellulans (AB116667)

	
99




	

	
SIP9G (JN169780) MG

	
Curtobacterium flaccumfaciens (EU977762)

	
99




	
Bacilli




	

	
SIP9A (JN169768) FG

	
Bacillus cereus strain (HM068888)

	
99




	
Bacteroides




	

	
SIP1A (JN169765) FG

	
Flavobacterium aquatile (AM230485)

	
95




	
Clostridia




	

	
SIP4D (JN169773) MG, HG

	
Clostridium saccharolyticum (FJ957875)

	
97




	

	
SIP11D (JN169778) HG

	
Clostridium intestinale (AY781385)

	
99




	
Negativicutes




	

	
SIP3C (JN169769) MG

	
Sporomusa aerivorans TMAO3 (NR028991)

	
96




	
α Proteobacteria




	

	
SIP9C (JN169771) MG, HG

	
Azospirillum brasilense GR2(FR667907)

	
99




	

	
SIP8D (JN169775) HG

	
Azospirillum brasilense (AB480699)

	
97




	

	
SIP12D (JN169779) HG

	
Bosea thiooxidans (AJ250797)

	
99




	
β Proteobacteria




	

	
SIP7C (JN169770) MG

	
Achromobacter denitrificans (FJ810080)

	
99




	
γ Proteobacteria




	

	
SIP3A (JN169766) FG, HG

	
Pseudoxanthomonas Mexicana (AB375392)

	
99






*FG—foregut; MG—midgut; HG—hindgut.




Unique to the foregut, phylotype SIP1A was found to be closely related to Flavobacterium aquatile, and cellulose degrading Flavobacterium spp. have been previously described [60]. Phylotypes SIP9C and SIP8D appeared to form a monophyletic clade with A. brasilense (Figure 2) and are consistent with the presence of a nitrogen-fixing GI tract community. Interestingly, SIP9D is closely related to Cellulosimicrobium cellulans, which has been identified as part of a beneficial association with A. brasilense [61] promoting degradation of wheat straw. While any relationship between phylotypes SIP9C and SIP8D with SIP9D in the GI tract is unknown, their presence together is intriguing and is consistent with other cellulose degrading systems. Phylotype SIP11D was closely related to cellobiose-degrading C. intestinale an organism capable of growing on cellobiose and producing H2 and ethanol as end products and phylotype SIP3C was most closely related to Sporomosa aerivorans. Trophic interactions between these two microorganisms have been reported previously [62]. Under anoxic conditions a syntrophic relationship appears to exist between the butyrate fermenting C. intestinale producing H2, which is subsequently utilized by an acetate-producing Sporumosa spp. Whether similar interaction between these or related bacteria occurs in the GI tract of Panaque is presently unknown. However, in two species of Panaque, and Hypostomus pyrineusi SCFA concentrations are significantly lower than measured in any fish species for which SCFA assimilation appears to be important for the hosts energy metabolism [27].

Figure 2. Phylogenetic tree showing the relationship of 16S rRNA gene sequences (>1.2 kb) identified in the cellulose enrichment culture and DNA-SIP clone library.
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The tree was constructed by the neighbor joining method using the Kimura 2-parameter distance model with 10,000 bootstrap resamplings. Known sequences sharing highest sequence similarity were included in the phylogeny. In instances where the same phylotype was identified in multiple tissue regions only one accession was provided. The corresponding tissue region from which the sequence was identified is highlighted in bold text.






The DNA-SIP experiment has enabled the identification of putative cellulose-degrading microorganisms present in enrichment cultures and may indicate possible functional roles within the fish GI tract. However, we point out that a number of limitations with this technique have been well documented, such as cross feeding, and the dependence on initial substrate concentration and incubation time [47,63]. In addition, use of the 16S rRNA gene as an indicator of function is often inappropriate [64,65] and further analysis is underway to better understand the genetic pathways involved in the cellulose degradation.



Although different growth conditions were used for enrichments—cellulose and anaerobic compared to prior aerobic and cellobiose initial selection for the DNA-SIP experiments —the resulting diversity detected was similar at the genus level. However, due to the nutrient and enrichment limitations, diversity detected using these techniques was considerably reduced compared to those obtained from 16S rRNA clone libraries [42]. When examining the phylogeny of the detected OTUs it is clear that a number of key families appear to be involved in cellulose degradation in these cultures; the Clostridiales, α, γ Proteobacteria, Bacilliales, Bacteroidetes, Flavobacteria and Actinobacteria (Figure 2). However, the DNA-SIP procedure also exclusively detected β Proteobacteria-SIP7C was most closely related to Achromobacter denitrificans (Figure 2)—which was not detected in the cellulose enrichment cultures and may be a consequence of the different enrichment conditions or inocula. Diversity differences at the species level (Figure 2) are likely due to different ecotypes being present in individual fish. Since different fish were used for the inocula it is likely that multiple factors are involved in the colonization of fish GI tracts including their habitat or diet prior to being raised in the lab.

The collection, transport, and maintenance of these fish in laboratory aquaria likely play a significant role in affecting the composition of the cellulolytic microbial communities compared to wild animals. However, the detection of phylotypes having similarities to known cellulolytic bacteria in different regions of the Panaque GI tract strongly supports a view that the intestinal habitat favors a core microbiome that is capable of cellulose utilization as we have noted previously [42]. A similar study in zebrafish demonstrated that while differences could be detected in the microbial communities within wild vs. laboratory-reared fish, there was a shared core gut microbiota that was not affected by domestication [66].



4. Conclusions

Panaque spp. possess a number of morphological adaptations that could support the ability to obtain dietary supplements from a resident microbial community located in the mucus layer along the GI tract surface. These adaptions include spoon-like teeth for eating and scraping wood [22] and a long GI tract providing a high surface area for microbial colonization. Our results suggest that the P. nigrolineatus GI tract contains a microbial community that has the capacity to degrade cellulose and are likely to be involved in the breakdown of cellulolytic substrates. The fish may obtain energy by digesting this microbial population, a strategy that is consistent with recent studies using isotope tracking, which found that wood-eating loricariids are assimilating microbially-derived carbon [28]. Our study provides the first images and culture based studies providing compelling evidence for a specialized microbial community involved in cellulose digestion within the P. nigrolineatus GI tract and is the basis for ongoing studies focusing upon the molecular analysis of microbial cellulose-degrading population present in this interesting wood-consuming vertebrate.
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