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Abstract: Lipid bilayers are natural barriers of biological cells and cellular compartments. 

Membrane proteins integrated in biological membranes enable vital cell functions such as 

signal transduction and the transport of ions or small molecules. In order to determine the 

activity of a protein of interest at defined conditions, the membrane protein has to be 

integrated into artificial lipid bilayers immobilized on a surface. For the fabrication of such 

biosensors expertise is required in material science, surface and analytical chemistry, 

molecular biology and biotechnology. Specifically, techniques are needed for structuring 

surfaces in the micro- and nanometer scale, chemical modification and analysis, lipid 

bilayer formation, protein expression, purification and solubilization, and most 

importantly, protein integration into engineered lipid bilayers. Electrochemical and optical 

methods are suitable to detect membrane activity-related signals. The importance of 

structural knowledge to understand membrane protein function is obvious. Presently only a 

few structures of membrane proteins are solved at atomic resolution. Functional assays 

together with known structures of individual membrane proteins will contribute to a better 

understanding of vital biological processes occurring at biological membranes. Such assays 

will be utilized in the discovery of drugs, since membrane proteins are major drug targets. 

Keywords: membrane protein; function; surface; lipid bilayers; silicon; polymer; 

microfluidics; review 
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1. Introduction 

Life from a chemical point of view is the sum of concerted feedback-controlled chemical reactions 

taking place in separated compartments. Biological membranes consisting of lipid bilayers are the 

natural barriers of cells toward the outside and also of intracellular compartments such as 

mitochondria, the Golgi-complex and lysosomes. The bio-catalyzed reactions lead to synthesis and 

modification of molecules and are the base for cell division and consequently the growth of organisms. 

Proteins integrated within biological membranes execute therefore many vital functions. The 

transformation of solar radiation energy into energy-rich compounds such as ATP takes place at cell 

membranes. Communication between cells becomes possible by the binding of a hormone or a 

neurotransmitter molecule to a membrane receptor, resulting in an induced change of the receptor 

conformation, which consequently triggers a cascade of further reactions within the cell. Thus, 

membrane proteins are key players in signal transduction across cell membranes. They are attached to 

(monotopic) or integrated in lipid bilayers and their functionality is dependent on the presence of 

suitable lipids. A biochemical approach aims at investigating a chosen, purified membrane protein and 

understanding its function at a molecular level. About 7500 different genes are coding for membrane 

proteins, which is about 30% of the entire human genome [1]. However, resolution of the atomic 

structure of membrane proteins by X-ray crystallography is difficult, since the hydrophobic part of 

membrane proteins within the membrane hampers crystallization. About 350 unique structures of 

integral membrane proteins are known mid-2012 [2] and only about 10% of them are of mammalian 

origin. A known structure is the basis to model dynamic interactions with lipids, ligands or other 

proteins. For a full understanding functional assays or biosensors are required. 

In this review technical and scientific aspects of reconstituted membrane proteins in artificial 

bilayers are presented. Starting with describing material structuring technologies, the impact of 

surfaces properties on lipid bilayer formation and stability is discussed. Integration of functional 

proteins in bilayers is addressed as a crucial and difficult step. The functional mechanism of different 

membrane proteins is outlined in details. The final aim of biochemical investigations is the 

understanding of the induced conformation changes of proteins at a molecular level. This knowledge is 

important for a rational drug design. Finally, it is demonstrated how such quantitative sensing devices 

contribute to better understand the structure-function relationship of preselected membrane proteins 

through multifactorial dynamic investigations. This overview should contribute to put supported lipid 

bilayers in a wider context. 

2. Lipid Bilayers with Integrated Functional Membrane Proteins on Surfaces 

Artificial bilayers should mimic biological membranes of a natural cell [3]. The cross-section 

profile of an integral membrane protein can be divided in three regions: the extracellular or outside 

part (cis), the hydrophobic transmembrane part and the intracellular or inside part (trans). Since the 

transmembrane part is hydrophobic, almost all membrane proteins need detergents or lipids to retain 

their 3D-structure in solution [4]. After expression in cell cultures or cell-free expression systems, the 

membrane protein of interest is solubilized by a suitable detergent, and subsequently purified. The 

purified protein can then be used directly in a binding assay or, after reconstitution into liposomes, for 
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more sophisticated functional assays [5]. In such proteoliposomes many membrane proteins are 

reasonably stable and can be investigated [6–9]. The activity of a transporter for instance can be 

determined by measuring the uptake of a dyed cargo using a fluorimeter [10] or by quantifying 

transported dyes in microscopic investigations [11] into proteoliposomes. Electrochemical 

measurements such as patch-clamp techniques can only be successful, if a sufficiently high resistance 

is achieved between the two electrodes separated by the bilayer [12]. Electrochemical detection 

methods are relatively simple and sensitive, and electrodes can easily be integrated within sensing 

devices (Table 1). The development of practicable techniques to prepare planar lipid bilayers on 

surfaces, however, remains still a challenge even after more than twenty years of research [13]. 

Supported lipid bilayers have to be stable and the electrochemical detection simple [14–16]. When 

planar lipid bilayers are suspended in pores separating two compartments [17], many additional 

advantages are achieved: The functionality of the freely mobile membrane protein is retained,  

Giga-ohm-sealed bilayers allow sensitive detection of single molecules and the integration in 

microfluidic devices is relatively simple [18]. In this chapter concepts and materials used for planar 

lipid bilayer formation are presented. 

Table 1. Materials used in biosensors of membrane proteins. 

Material Abbreviation 
Material used for 

Remarks 
Bilayer support MFS Detector 

anodic aluminum oxide AAO porous [19] – – nanopores 

gold Au tethered [15,20–22] – P-L 1 [23] 
thiol-

compounds 

indium tin oxide ITO – – glass [24,25] 
conducting 

plates 
mercury Hg tethered [26] – drop [27] – 

platinum Pt – – 
P-L [28];  

wire [29,30] 
– 

polycarbonate PC 
pores, las 2 [31,32] 

pores, ion 3 [33] 
mec 4 [34]; 
emb 5 [35] 

– – 

polylactic acid PLLA pores, las [32] – – – 
polyethyleneterephthalate PETE pores, las [32] – – – 

polymetylmetacrylate PMMA 
pore(s),  

mec [36,37] 
pore(s), emb [38] 

mec [39,40] 
emb [38,41]

– 
fitting  

layers [39] 

polydimethylsiloxane PDMS pore, emb [42] cas 6 [43] – – 
polyvinylidenechloride PVDC pore, mec [34,35] – – – 

polytetrafluoroethylene 
PTFE 
Teflon 

pore P-L [30] 
pore(s) emb [38],  

las [44] 
mec [31] – 

fitting  
layers [44] 

poly(p-xylylene) parylene pores, P-L [39,40] – – nanopore [39]
photoresist, epoxy-based SU-8 P-L [28,45] – – – 

quartz or glass – 
pore, elc 7 [46];  

ion [47] 
– – – 
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Table 1. Cont. 

Material Abbreviation 
Material used for 

Remarks 
Bilayer support MFS Detector 

silicon Si 

pore(s),  
P-L + dry 8 [48] 
porous [49,50] 

pore(s), ion [51] 

wet 9 + dry 
[48] 

– 
gold coated 

[49] 

silicon nitride Si3N4 

pore(s), e-b 10 [52]  
P-L [53–55]  

pores,  
C-L 11+ dry [55,56] 

– – 

polyimide 
[54] 

on glass [43]
 

silver/silver chlorid Ag/AgCl – – 
cvd 12 [35] 

wire 
[34,37,42,57] 

 

1 P-L: photolithography; 2 las: lasering; 3 ion: ion etching; 4 mec: mechanical treatment;  
5 emb: embossing; 6 cas: cast; 7 elc: electrochemical treatment; 8 dry: dry etching; 9 wet: wet etching;  
10 e-b: e-beam; 11 C-L: colloid lithography; 12 cvd: chemical vapor deposition. 

Materials used to support tethered and free-standing planar lipid bilayers as well as for microfluidic 

systems (MFS) and detectors are listed. The different fabrication techniques, as used in the references 

given, are indicated as abbreviations in italics and specified in the footnote to the table. For further 

information see the text. Note that some fabrication techniques allow the generation of a single pore or 

arrays of pore(s), whereas some materials provide an undefined number of pores which is indicated as 

“porous” material. 

2.1. Materials Used for Artificial Bilayers and Microfluidic Systems 

A material suitable to bear lipid bilayers and transporting fluids meets the following requirements: 

(1) It is resistant to organic solvents; (2) Uptake of water is negligible; (3) Surface properties such as 

density, wettability and roughness are well defined or can be adjusted through chemical modifications 

of activated material; (4) Technologies are available for making structures of micro- and nanometer 

dimensions within the material and the resulting structures remain stable; (5) The properties of the 

material allow electrochemical detections; (6) For optical detection the material is transparent;  

(7) Assembly of the structured components to a microfluidic device is simple and can be achieved 

preferentially without glue or fittings; (8) The material is relatively cheap and it is available from 

reliable sources. 

Obviously one specific material can hardly meet all these specifications perfectly. Simple and 

robust fabrication processes and reproducible preparation and detection methods are decisive factors to 

make bioanalytical devices for membrane proteins. 

2.2. Silicon-Based Micro- and Nanofabrication Technologies  

Various techniques for making structures such as pores or channels in micro- and nanodimensions 

have been developed [31,47,52,58–60]. In principle, micro- or nanostructuring of materials (Table 1) is 

realized in three steps: (1) Design of the structures; (2) transfer of this structure information to the 
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target material and (3) development of the structure in the material (Figure 1). By using a laser, 

microstructures can directly be generated. The concept to assembly the micro- and nanostructured 

components to a functional device influences the performance, manufacturing and the cost of a 

bioanalytical device. 

Figure 1. Structuring techniques for materials used in bioanalytics. 

 

The design of a structure needed for microfluidics or as a support for free-standing bilayers (A) can 

be directly transferred by laser ablation into the material of interest, e.g., a polymer (D). For sequential 

high volume replicative fabrication processes a stamp is made, which consists of a solid material, e.g., brass 

and carries the negative raised structure of the design on a flat surface (B, left part). This negative 

structure is repetitively embossed into the target material, resulting in the wanted  

3D-structures such as channels within the material (D). In highly parallel fabrication processes a 

metallic mask of negative (openings) structure of the design is first made (B, right part). This mask is 

used to transfer the targeted structure in a first step by shining light in photolithography to a resist (C). 

The illuminated areas of the resist are removed and 3D-structures such as channels or pores are etched 

into the material of choice (D). Using photolithographic techniques and silicon wafers a mass 

fabrication can be achieved. 

Structuring of silicon wafers starts with a design of the wanted micro- or nanostructure and the 

subsequent production of the necessary masks. In clean rooms, the designed patterns are written in the 

resist on wafers using a mask and applying photolithographic processes followed by resist 
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development and wet or dry etching processes (Figure 1). Structures as fluid channels or pores are made 

by these fabrication procedures which are highly reproducible and allow mass production [52]. For making 

nanostructures with dimensions beyond the limits of photolithography, focused ion beam or e-beam [61] 

facilities are needed. In the last two decades, arrays of nanopores in thin silicon nitride membranes have 

been made and used as supports for free-standing lipid bilayers [17,45–47,49,50,53,58,62–65]. The 

major advantage of nanometer-small pores is essentially a gain in stability of lipid bilayers suspended 

therein [55,64,66]. Free-standing lipid bilayers in pores with diameters of about one micrometer are 

sufficiently stable for many bioanalytical applications. For ion channels, which translocate ions across 

bilayers at a high rate, one single nanopore is sufficient, whereas for transporters of a three to four 

orders of magnitude lower translocation rate [5,67] arrays of pores will be required in order to achieve 

a detectable analyte concentration in the trans-compartment. Alternatively to silicon, aluminum oxide 

was utilized as a supporting material providing arrays of holes with a diameter of 50 nm [32,60]. Ion 

current flow mediated by proteins integrated in the stable and high resistant bilayers spanned over such 

nanopores can be detected electrochemically. A modification of the surface by hydrophobic silanes 

enhances the stability of suspended bilayers [19,64,68]. 

The ratio of pore length (L) to pore diameter (d) is defined as the aspect ratio. A low aspect ratio 

(L/d) of about 1 permits unhindered exchange of ions and molecules across supports, whereas the 

translocation of molecules is slowed down across bilayers suspended in long pores, i.e., which have a 

high aspect ratio. Therefore, materials with nanopores of low aspect ratios are preferred for activity 

measurement of membrane transporters, where molecular diffusion is the limiting factor. In order to 

achieve a low aspect ratio of pores, the thickness of a material should be in the same range as the pore 

diameter. For pore diameters below 1 µm silicon nitride of 200 to 500 nm thickness is the material of 

choice. It is mechanically robust [54], and can be chemically derivatized like silica [64]. Pores in a 

wide range of diameters can be etched in such silicon nitride membranes and a single pore of a few 

nanometers in diameter has been made and used for DNA sequencing [69]. These pores in silicon 

nitride are open holes, in contrast to the structured surface of microbeads, which can be considered as 

nanowells of a few nanometers in diameter [56,59,70]. Functional bilayers covering these nanowells 

exhibit a high stability [70], but as it is true for tethered bilayer lipid membranes (tBLM), the 

transmembrane compartment is not accessible. Supports of aluminum [66], glass [71], quartz [46], and 

polymer foils have a minimum thickness of about 10 micrometers resulting in an aspect ratio of 10 or 

higher for nanopores, which is acceptable for ion channel measurements [47], but probably not 

for transporters. 

2.3. Micro-Pore and Microfluidic Channels in Polymers 

As mentioned above, a smart integration of the pore-containing component into a microfluidic 

system is required. In a first attempt pore (array) chips are usually connected to fluidic channels 

produced in slabs (see Table 1) made of polydimethylsiloxane (PDMS) [35,43,72,73]. Of course 

microchannels can also be etched directly into a silicon chip [45,48,74,75]. However, the key problem 

remains: To connect these micro-channels, which address the active sensing area on the chip, with the 

reservoirs containing the different fluids needed during analysis (Figure 2). Fluid transport and 

packaging are crucial issues concerning the fabrication of devices [74]. For many biosensor 



Materials 2012, 5 2211 

 

 

applications [76–79] patterns of the active area in the micrometer range [23,80,81] are required and 

this patterning process has to be made compatible with other fabrication processes. 

Figure 2. Microfluidics systems for membrane protein activity detection. 

 

As a typical example a PEEK polymer-based MFS is shown as recently reported [70]. In a thin 

polymer foil a micropore (10 µm diameter) is generated by laser ablation, in a thicker foil the 

microchannels are embossed at an elevated temperature. The two foils are tightly bonded to each other 

and two screwed PMMA-plates hold the resulting PEEK-MFS together. Fluids are transported through 

PEEK tubes, connected to NanoPortsTM, by a pump. One electrode is placed above the micropore, the 

other to an inlet. By adding a small volume (e.g., 10 µL) of a lipid dissolved in decane (dark blue) in a 

buffer carrier fluid (blue), a bilayer is formed in the micropore, resulting in a tremendous increase of 

resistance, as determined by an electrochemical detector. Various methods to insert the membrane 

protein of interest are shown in Figure 3. Protein activity is determined as a current in the pA-range, 

induced by an applied voltage (voltage-gated ion channel) or addition of a ligand (ligand-gated ion 

channels or activated transporter with an electrogenic substrate). 
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Figure 3. Protein integration methods. 

 

Various methods to integrate a membrane protein into a lipid bilayer have been reported. The 

protein can be directly transferred as a patch of a cell membrane using a glass pipette with a small 

orifice (A). For many methods proteoliposomes containing the protein of interest are used. 

Proteoliposomes can rupture directly on neat solid surfaces (B) or on chemically modified 

surfaces (C). They also fuse under specific conditions to a preformed lipid bilayer suspended in a 

pore (D). Giant unilamellar vesicles (GUVs), if positioned over a pore, rupture spontaneously resulting 

in pore-spanning lipid bilayers (E). For an oriented immobilization of the membrane protein to the 

surface, a His-tag (short red line) is utilized, and in a subsequent step, a lipid bilayer is formed (F).  

Polymer materials are cheaper than silicon wafers and structuring methods for polymers are 

relatively simple compared to clean room technologies (Figure 1). Hot embossing [82] and injection 

molding techniques [83] are frequently used to produce polymer components also for biotechnological 

applications. Polymers are ideal for microfluidic devices in general and also for membrane protein 

assays, since this inexpensive material is biocompatible. Only few polymers meet all requirements 

listed above. Teflon [30,31,84] is inert, but too soft to make nanopores of low aspect ratios. In thin 

films of the frequently used poly(methyl methacrylate) (PMMA), micropores of 100 µm diameter [36] 

were generated and the foil was bonded at 110 °C to a PMMA plate which contain embossed  

micro-channels [38]. PDMS is widely used in research laboratories because it transforms structures 

with high fidelity and the casting procedures do not require an expensive clean room infrastructure. 

Sufficiently long stable bilayers were generated in a simple micro-chamber array addressed by  

micro-channels made in PDMS and the diffusion of the fluorescent dye calcein across a α-hemolysin 

pore was investigated [43]. However, PDMS has two severe disadvantages: (1) Due to its relatively 

low density it soaks solvents, which can contaminate subsequent fluids and (2) making nanopores of a 
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low aspect ratio is not possible in this relatively soft material. However, the soaking property of PDMS 

has been utilized to induce lipid bilayers formation by painting a microchannel [42]. 

A suitable material for a microfluidic system, which is essentially assembled of micro-structured 

parts, should exhibit the following characteristics: It should be inert, dense, mechanically stable, 

showing low moisture uptake, and for electrochemical detection, exhibit a high electrical insulation 

and a low electrical capacitance. Polymers such as polyvinylidene chloride (PVDC), poly(p-xylylene) 

(parylene), polyether ether ketone (PEEK), polytetrafluoroethylen (PTFE) and polycarbonate [31] 

fulfill most of these requirements. 

Ideally, the same material is utilized for making foils with micropore(s) and microfluidic 

channels [85]. This simplifies the sealing and the packaging (Figure 2). Several devices of various 

polymer materials have been reported. Micropores of 100 µm diameter have been generated in 50 µm 

thick PTFE foils using a laser beam and the micropore-containing foil has been clamped together with 

two PMMA-plates, containing the micro-channels, by the help of two sealing rubber gaskets resulting 

in a microfluidic system suitable for bilayer formation [44]. This microfluidic system consists of seven 

components and of different materials, what is too complicated for commercialization. In another 

microfluidic system a pore of about 20 µm diameter was burned in a 12.5 µm thick PVDC foil using a 

hot needle. The PVDC-foil was subsequently thermally bonded at 141 °C to a polycarbonate (PC) foil, 

in which 60 µm wide micro-channels have been embossed. The translocation of individual PEG-1500 

molecules passing through α-hemolysin pores integrated in lipid bilayers suspended in the micropore 

could be demonstrated [35]. This polymer-hybrid microfluidic system demonstrates that rapid bilayer 

formation and subsequent multiple analysis of bilayers suspended in relatively large pores of 20 µm 

diameter is feasible. Another polymer-hybrid microfluidic system consists of a 5 µm thick parylene 

foil, in which a nanopore has been etched by applying processes adapted from silicon technology. The 

foil was integrated in a microfluidic system made of PMMA by thermal bonding at 120 °C [39]. In the 

pore of about 500 nm diameter a bilayer was painted and α-hemolysin has been integrated. In such 

small pores lipid bilayers with one integrated α-hemolysin pore were stable for 5 days. Very recently, a 

microfluidic device with a pore of about 10 µm diameter has been reported, built up of the high 

performance polymer PEEK [57]. The painted bilayers exhibited a high stability and allowed to 

monitor the opening and closing events of a single ion channel. This simple system consists only of 

two PEEK foils and can easily be adapted to high throughput analysis for membrane proteins, as 

reported for a parylene support [86]. In summary, polymeric materials are well suited to support  

free-standing lipid bilayers in micropores generated in thin foils and allow cost-effective and relatively 

simple fabrication and integration into microfluidic devices. 

3. Lipid Bilayers with Functional Membrane Proteins 

Biosensors are devices, in which a biological recognition element is in intimate contact to a 

detector. Differently to immune- or DNA-sensors [87], a functional membrane protein cannot be 

directly immobilized on the sensing surface without lipids or detergents. Membrane fragments or 

solubilized proteins can be immobilized and the binding of interacting proteins is measured 

optically [88]. For electrochemical functional assays as well as for AFM-imaging [89], however, the 

protein has to be integrated in a fluid lipid bilayer. In aqueous solutions lipids spontaneously  
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self-assemble into liposomes consisting of defect-free bilayers. For quantitative measurements of 

protein-mediated ion flux across planar lipid bilayers, defect-free membranes over the entire sensing 

area are required as well. In addition, the protein-mediated activity has to be discriminated from the 

passive diffusion of ions. In this section different concepts are presented for preparing planar lipid 

bilayers and the influence of lipids on stability and functionality is discussed. 

3.1. Formation of Lipid Bilayers on Solid Supports and Pores 

Exactly 50 years ago, for the first time a technique was published, which described the method how 

artificial bilayers in small apertures can be made [90,91]. Later such painted free-standing black lipid 

bilayers were used to investigate valinomycin-mediated ion translocation between two 

compartments [92–94]. Since lipids are dissolved in organic solvents, residues thereof may be present 

in the pores after bilayer formation. Such residual organic solvent are not problematic for peptides, but 

such residues may denature more fragile membrane proteins. The limited stability of lipid bilayers 

suspended in such pores of about 100 µm diameter led to an intensive research on more stable 

alternatives. Bilayers on solid supports are obviously stable and factors determining the formation of 

lipid bilayers directly on solid surfaces have been intensively studied [16,95–101]. Proteoliposomes 

can be immobilized on solid surfaces [79,102], but determination of membrane protein related 

activities is then limited, as it is when cells are used. To monitor protein-mediated processes on planar 

lipid bilayers directly on detector surfaces is attractive and preparation methods for such solid 

supported bilayers were investigated for many years. Fusion of liposomes to hydrophobic surfaces is 

complex [97] and adsorption, rupture and spreading on hydrophilic surfaces can take hours [95]. Ca2+ 

promotes adsorption of negatively charged liposomes on hydrophilic silica [103] and saturated lipids 

are needed to achieve a sufficiently high stability in another case [96]. Buffer [104], lipid composition 

and surface charge [99,105] influence bilayer formation on silica supports. However, the major 

difficulty remains to keep membrane proteins functional in solid supported lipid bilayers. A suitable 

method may be to move lipid bilayers on solid supports [106,107] in microfluidic channels and thereby 

to induce a fusion with adsorbed vesicles from cells containing membrane proteins [108]. 

Fluidity of lipids is an indicator for bilayer formation and usually determined by the Fluorescence 

Recovery After Photobleaching (FRAP) method. For solid-supported bilayers the diffusion coefficient 

is in the range of 1–10 μm2 s−1 [108–113], as expected for planar lipid bilayers [114]. The mobility of 

the larger protein molecules in membranes is about one order of magnitude slower than that of the 

lipids [114]. A complete bilayer is a prerequisite for electrochemical detections and is checked by  

AFM-methods [98,115], quartz crystal microbalance [99] or confocal microscopy [101]. Successful 

bilayer formation depends on many factors such as temperature [116], vesicle size and composition, 

and surface density [99]. In conclusion, bilayer formation on solid supports has been widely 

investigated, but this approach is only of limited relevance to build up functional assays of membrane 

proteins. The transmembrane space of directly supported bilayers is about 1 nm wide [117], which is 

not enough to retain full mobility and function of many integral membrane proteins. 

Therefore, since almost twenty years [118], tethered bilayer lipid membranes have intensively been 

investigated [3,16,119]. In tBLMs direct contact of the bilayer to the surface is avoided by the use of 

tethers, which provide enough space [120] for the intracellular part of integral membrane 
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proteins [121]. The use of thiolpeptides [122–124] or thiolipids [21,125,126] on gold electrodes, 

ethylenglycol spacers [15,127–129] on silicon or a polyelectrolyte cushion [130] results in some cases 

in high insulating tBLMs [14,15,123,125,127], which are suitable to measure the activities of protein 

ion channels [126,129]. tBLMs were also achieved on aluminum oxide [112], on a lipid-polymer 

cushions [131,132] or on dextran immobilized on a surface using an antibody [133]. tBLMs are 

suitable to determine ion channel activities, however, the transmembrane space is also not directly 

accessible. Free access would be important to investigate transporters or protein-protein interactions, 

e.g., the typical G-protein coupled receptors (GPCR) interactions with intracellular G-protein [134]. 

In the last 10 years, free-standing bilayers suspended in very small pores were investigated. The 

stability of suspended bilayers in smaller pores is higher while both sides of the lipid bilayer remain 

accessible. Depending on the material used as discussed above, pore sizes can be achieved from about 

2 nm [135] to macroscopic dimensions. The stability of suspended bilayers can be assessed by 

observing the spontaneous [64] or voltage-induced breakage. Already in the first publication on 

artificial bilayers [90], the electrical potential scanning was reported as a method to assess bilayer 

stability. Potential breakages above 300 mV usually indicate a sufficiently high stability [30,136]. 

Stability of bilayers in the range of 500 to 50 µm pore diameters remains unchanged and is rather 

low [30]. The breakdown voltage is about 250 mV for such bilayers. Below the pore diameter of about 

50 µm, a steady increase of bilayer stability has been observed [30]. Beside the pore diameter, also the 

lipid composition and the density of integrated peptides or proteins influence the bilayer stability. 

Thus, a direct comparison of the stability of different preparations is difficult, since one single factor 

may be deciding. Pore sizes in the nanometer range in combination with different lipid compositions 

have been investigated systematically [64,137]. The little gain in bilayer stability below pore diameters 

of about 400 nm is probably not relevant, whereas the nature of the lipid used for bilayers plays a 

dominant role [64]. Since a more or less specific lipid composition is expected to be necessary to keep 

membrane proteins functional, a compromise will be necessary to achieve sufficiently high bilayer 

stability and retained functionality of the integrated membrane protein. In mammalian cells 

phospholipids are most abundant, whereas cholesterol makes lipid bilayers stiffer. Thus, phospholipids 

as, e.g., 1-palmitoyl, 2-oleoyl sn-glycero-3-phosphocholine (POPC) can be considered to be suitable 

lipids for biomimetic lipid bilayers. Phythanoyl lipids frequently used to generate stable 

bilayers [46,138,139] are probably not suitable to keep most ion channels and transporters functional 

as discussed below. 

PEG-based hydrogel- [140] or polymer-cushion supported bilayers [141] in micropores can be 

considered as a compromise between free-standing and stable solid supported bilayers. Such bilayers 

are stable for days even in relatively large pores of 500 µm and the total resistivity is hardly enhanced 

by the presence of the supporting polymers [142]. At least such gel-like supports can be transparent for 

ions as confirmed by current measurements across α-hemolysin pores in bilayers supported by  

PEG-polymer [140]. 

3.2. Integration of Peptides in Lipid Bilayers 

To characterize lipid bilayers formed on surfaces, solutions of self-integrating peptides are added 

and the resulting ions flux across the bilayer is monitored as a current. A prominent peptide is 
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gramicidin [22], which forms a short alpha-helix, spanning one half of the bilayer sheet  

(Figure 4) [143,144]. When a peptide molecule in the outer leaflet of the bilayer is in line with one in 

the inner leaflet, a peptidic pore across the bilayer is intermediately formed, which can be detected as 

an ion current peak. A different mechanism has been found for the bee venom melittin. Monomers of 

the 26 amino acids peptide adsorb on the surface of a lipid bilayer and integrate therein. Subsequently 

these peptides form permanent pores [145], which can be measured as current  

peaks [21,62,141,146,147]. The translocation mechanism of ions across bilayers mediated by the 

cyclic peptide valinomycin is again different. This hydrophobic peptide is located within the bilayer 

and shuttles with relatively high selectivity potassium ions between two hydrophilic compartments. 

Despite its simple structure, it is very effective. The high unitary translocation rate of 104, i.e., one 

valinomycin molecule shuttles ten thousand K+ ions within one second [92]. Therefore, this peptide is 

frequently used to confirm bilayer functionality [64,148–151]. All the ion channel peptides have a 

relatively low molecular weight and consequently possess a limited defined tertiary structure, i.e., can 

be easily handled in solutions without risking a loss of 3D-structure, i.e., denaturation. In many reports 

they are called ion channels what is not wrong. However, there is a qualitative difference to integral 

protein ion channels, which have a molecular weight of some ten thousand daltons consisting of 

several domains and have a defined 3D-structure (Figure 4B). Such protein ion channels are much 

more fragile and difficult to handle. Therefore, it is important to recognize and point out that 

gramidicin, melittin, valinomycin, alamethicin are peptidic ion channels. 

Figure 4. Peptidic and protein ion channels. 

 

This figure illustrates that peptidic ion channels are far less complex than protein ion channels. A 

gramicidin A molecule (pdb1MAG) (A) is present as a single alpha helix structure in solution and two 

monomers inserts spontaneously into the lipid bilayers forming a pore which spans the bilayer. In 

contrast to peptides, membrane proteins as the pentameric acetylcholine receptor (pdb2BG9) (B) may 
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be obtained through a series of preparation steps and detergents are needed for stabilization. The 

subsequent integration of reconstituted membrane proteins into a lipid bilayer is a difficult step. 

3.3. Integration of Proteins in Lipid Bilayers 

Due to the fragility of most membrane proteins, their integration into bilayers is considered as the 

critical step in biosensor development. Only very few integral membrane proteins self-integrate 

directly in lipid membranes [152,153]. Solutions of the bacterial α-hemolysin can be handled as a 

peptide solution and monomers integrate spontaneously into bilayers forming stable pores in a similar 

way as melittin. Therefore, α-hemolysin is frequently used to confirm functionality of artificial 

bilayers. The formation of the heptameric α-hemolysin pores takes a few seconds [154] up to some 

hours depending on the added concentration and the pore size [62]. The resulting proteolipid bilayers 

remain stable, but collapse, when the surface density of the pores in the membrane becomes too 

high [62], whereas the bilayer remains stable, if only one open pore is present [35]. Current across a 

pore can be detected electrochemically and simultaneously by total internal fluorescence 

reflection [11]. Molecules which are smaller than the 1.4 nm wide bottleneck of the hemolysin pore 

can freely pass through and their passages can be monitored as a drop in current at an applied 

voltage [155] This analytical system has been used to discriminate PEG-molecules by size [156]. Such 

a robust nanopore system has further been developed [157] into a commercial device for  

DNA-sequencing [158]. 

Further stable membrane proteins are protein pores [159], which derive from the outer membrane of 

bacteria, e.g., OmpF [65,153] or VhOmP [160]. As α-hemolysin pores these outer membrane pores are 

not selective and one open pore has a relatively high conductance of about 1 nS [160]. A mutated form 

of the membrane protein MspA with a bottleneck radius of 1.2 nm enables, similar as α-hemolysin 

pores, the sequencing of single-stranded DNA molecules at a rate of 28 ms per nucleotide with the 

help of a controller protein [161]. The realization of this innovative biosensor required long-term 

experience in structural biology for the design of a suitable recognition element, utilization of a classic 

enzyme from molecular biology and knowledge of preparation and detection of bilayers including the 

integrations of proteins, as discussed in this review. In another study OmpF pores present in giant 

unilamellar vesicles (GUV) were measured; sealing was achieved by applying a sub-pressure in a 

nano-pipette with the help of a manipulator [84]. Due to the small diameter of the orifice (243 nm), the 

achieved sealing resistance was very high allowing the measurement of the ion current across a single 

protein pore. 

Much more demanding is the integration of functional ion channels and transporters into lipid 

bilayers (Figure 3). Unlike to self-integrating pore-forming membrane proteins, these integral 

membrane proteins need a permanent association with lipids or detergents to keep their structure [5]. 

The simplest way to achieve this is to transfer them directly from a cell by using a glass tip filled with 

agarose [162]. In this experiment, pore forming proteins and K+ channels have been recorded in a 

similar way as with patch-clamp techniques. However, many other proteins are present in natural cells, 

which may influence the targeted membrane protein.  

To enable investigations of a pre-selected membrane protein of interest, several preparation steps 

are necessary, before functional analysis can be performed. In most cases the protein of interest is not 
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present in a sufficiently high copy number in natural cells. If a plasmid coding for the protein is 

available, prokaryotic or eukaryotic cells are transformed or transfected, respectively, and may express 

the membrane protein in a sufficient quantity. The membrane fractions are solubilized, the protein is 

purified and reconstituted into a liposome or directly into a planar lipid bilayer [5]. Optimization of 

these steps is cumbersome and these tasks are often underestimated. Actually, the production of a 

sufficient quantity of solubilized or reconstituted membrane proteins is probably the rate limiting step 

in development of biosensors for most relevant membrane proteins. Consequently, only a few types of 

reconstituted ion channels have been investigated so far. Generally, the structure of prokaryotic 

membrane proteins is simpler than that one of the more relevant eukaryotic analogues as discussed 

below. Among other membrane proteins, ion channels from bacteria (NaChBac) [68,163] 

archaebacteria (KvAP) [9] and plants (KAT1) [164] have been reconstituted in proteoliposomes.  

Fusion of individual proteoliposmes into bilayer membranes occurs sporadically. The probability of 

fusion can be enhanced by a suitable lipid composition [165,166], by using a combining hybridized 

DNA-sequence [167] or by destabilizing the proteoliposomes. A spontaneous destabilization is 

observed with GUVs [136] or when intermediate nystatin-peptide channels are formed building up an 

osmotic pressure upon addition of a high salt concentration [68,168,169]. The success rate of 

proteoliposome fusion has been enhanced and controlled by applying this technique and single ion 

channel events could be recorded [68]. A promising approach is to make use of the His-tag, which is 

present in most of recombinant membrane proteins. Detergent solubilized membrane proteins first bind 

to a NTA-derivatized matrix and the detergent molecules are then replaced by lipid molecules [170]. 

Such proteobilayers provide three advantages: The integrated membrane protein molecules are 

oriented, their surface density can be adjusted, and the use organic solvent is avoided. A high surface 

density of membrane proteins [78] as in natural cells [171] and their uniform orientation is 

essential [8,172] to build up transporter assays. Furthermore, as in the case of the spontaneous rupture 

of GUVs on surfaces [136], this solvent-free method prevents the denaturation of membrane proteins 

by residual organic solvent which may be present in the annulus, i.e., the contacting area of painted 

bilayers to the rim of pores. 

In summary, it is a big challenge to express and to integrate functional reconstituted eukaryotic 

membrane proteins such as ion channels and transporters in a sufficiently high density and this fact 

mainly limits the development of biosensors for relevant drug targets. 

3.4. The Impact of Lipid Composition on Lipid Bilayer Stability and Protein Function 

Several hundred different lipids occur in natural cells and this high variety may also have functional 

relevance. Lipids determine the mechanical properties of a cell membrane and the interaction of a 

specific lipid can affect the function of an integrated membrane protein. Lipids as ambiphilic 

molecules carry positive and negative charge units, which influence adsorption and fusion. Thus, a 

suitable lipid composition is important in order to achieve on one hand stable planar lipid bilayers as 

discussed above, and on the other hand, to retain the full functionality of proteins integrated therein. 

Relatively little is known about the impact of lipids on the functionality of eukaryotic membrane 

proteins and which lipid compositions are suitable for biosensor applications [173]. The emerging field 

of lipidomics [174] analyzes the impact of lipids on cell functions in analogy to genomics, proteomics 
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and glycomics. In our context both, the mechanical and functional aspects of lipids on membrane 

proteins [175] are crucial. Short chained phosphatidyl choline lipids as present in natural soy lecithin 

significantly reduce the stability, whereas cylindrical shaped lipids such as DOPE enhance it [64]. A 

high stability and sealing resistance as it is required for recording single ion channels is achieved, if 

two phythanoyl-chains are present in a lipid molecule as, e.g., in di-phythanoyl phosphatidyl choline 

(DPhPC) [138]. tBLM of this lipid [21] can host peptides [139] or α-hemolysin [63]. However, it is 

questionable if this plant lipid is suited to keep animal eukaryotic membrane proteins functional. The 

same reservation is made for stable bilayers achieved with polymerized lipids [139,176–178]. 

Phospholipids, e.g., POPC are the most abundant lipids of cells and many eukaryotic membrane 

proteins will probably remain active in artificial bilayers made of them. The steroid cholesterol 

providing stiffness to a natural membrane has also a functional role [179–181]. Preparations of 

biologically relevant rafts of lipids such as cholesterol [182] in planar lipid bilayers [49,183] will allow 

us to investigate the mechanism of cell adhesion [184] and function at predefined compositions [185]. 

Charged lipids such as di-oleoly phosphatidyl glycerol (DOPG), di-oleoyl phosphatidyl serine (DOPS) 

or di-oleoyl phosphatidyl ethanolamine (DOPE) are known to promote fusion of oppositely charged 

vesicles [186,187] and sphingolipids are involved in cell trafficking [182,188]. Charged lipids found in 

bacterial membranes [189] can also be used for artificial membranes to keep bacterial membrane 

proteins functional. Recently, the usefulness of planar lipid bilayers to investigate the interaction of a 

receptor with a drug has been demonstrated [185]. A tetracaine-induced conformational change of a 

reconstituted acetylcholine receptor (AChR) was determined by Fourier transform infrared (FTIR) 

difference spectroscopy in the presence of cholesterol [190]. It has to be kept in mind that the lipid 

composition in supported lipid bilayers formed by vesicle rupture may be different from that of the 

vesicles due to phase behavior of the mixed lipids [191]. 

4. Importance of Membrane Proteins in Biology and as Drug Targets 

In the last 50 years investigations of the structure and function of soluble proteins was promoted by 

technical achievements in molecular, cell and structural biology as well as by the tremendous progress 

in material sciences and instrumentation. Although the importance of membrane proteins was 

recognized early, the difficulty to retain their structure in vitro was the limiting factor to investigate 

them [192]. Biosensors and functional assays for many of the about 7500 different human membrane 

proteins would promote our understanding of biological processes. Since about 55% of all presently 

known over 430 drug targets are membrane proteins (Figure 5) [193] functional assays have also a 

high potential to promote the discovery of effective drugs. Here, a short overview of the different types 

of membrane proteins is given to illustrate the potential of functional assays for basic science and 

applications in bioanalytical tools. 

Human membrane proteins of different classes represent about 60% of all protein drug targets: 

GPCRs are most prevalent, followed by ion channels and receptors. Membrane-associated enzymes, 

solute carriers and transporters are also important drug targets. The different classes are illustrated 

presenting a typical protein structure. GPCRs: adenosine receptor (pdb3RFM); ion channels: ASIC1a 

(pdb2QTS); receptors: toll-like receptor (pdb3J0A); solute carriers and transporters: p-glycoprotein 
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(pdb3g61); membrane-associated enzymes: fatty acid amide hydrolase (pdb1MT5); not membrane 

protein: Human cytochrome P450 (pdb1W0G) [194]. 

Figure 5. Human membrane proteins as drug targets. 

 

4.1. Classification of Membrane Proteins Relevant as Drug Targets 

From all human membrane proteins the integral or transmembrane proteins are the most interesting 

concerning function. This category of membrane proteins comprises cell adhesion proteins, receptors, 

ion channels, and transporters. For biosensor applications G-protein coupled receptors (GPCRs), ion 

channels and transporters are the most important membrane proteins (Figure 5). 

All GPCRs consist of seven transmembrane helices and have been classified in 6 classes (A-F) 

according to structural and functional criteria. A specific GPCR can be activated by light, hormones or 

odorants resulting in the dissociation of the G (αβγ)-protein into the α- and the βγ-subunit. Both 

subunits are effectors for adenylcyclase or ion channels triggering the intracellular signaling 

cascade [134]. About half of the about 800 different GPCR-genes, which represent almost 4% of the 

total human genome, are coding for odorants and the other half for hormone receptors. More than 80% 

of GPCRs, including the odorant receptors, are grouped in class A, the rhodopsin-like receptors. 

Crystallization of fragile membrane proteins is difficult which is needed for structural resolution by  

X-ray crystallography. Recently, a structure of the human β1 adrenergic receptor could be solved at 
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atomic resolution [195]. The importance of structural information [196] and functional assays [76,197] 

of these important classes cannot be overestimated, since GPCRs are major drug targets [194]. 

Ion channels, the second big category of drug targets, can further be classified according to their 

activation mechanism and selectivity. Roughly, ion channels are activated by a change in the 

membrane potential [198], by binding a ligand or by a mechanical stress. They are classified in 

voltage-gated [199], ligand-gated [200] or mechano-sensitive ion channels [201], respectively. 

Activation induces a conformational change of the membrane protein [202,203]. A selectivity for H+ 

(“proton”) [204], Na+ [205,206], K+ [207–209], Ca2+ [210], or Cl− [211] is achieved through a 

selectivity filter [212], built up by the residues of a specific amino acid sequence at the entry of the 

transmembrane channel protein [213–215]. Ion channels control the ion flux across membranes [216] 

and can be considered as molecular switches in the propagation of the action potential of nerves. They 

are also important targets for drugs regulating heart and brain functions and for the treatment of 

pain [5]. Thus, the understanding of regulation and modulation of ion channel activities in details 

contributes to the development of potent drugs. Currently electrophysiological investigations of drug 

candidates are carried out on a patch of membranes from eukaryotic cells at a holding (clamped) 

potential. Such patch clamp techniques with cells bearing over-expressed ion channels are presently 

routinely carried out and have been automatized [217]. Planar patch clamp biosensors for specific 

eukaryotic ion channels of interest [218] will allow us to investigate the activation or inhibition 

mechanism, modulation by interacting proteins and contribute to identify drugs with less side effects 

through modulating membrane protein activities. 

Transporters and carriers translocate charged or uncharged molecules across the cell membrane. 

Transporters regulate the uptake of nutrients as glucose in mammalian or ammonia [219] and water by 

aquaporins in plants [220]. Almost 400 different genes of ATP-binding cassette (ABC) transporters 

and solute carriers (SLC) have been identified in the human genome [221]. The gene products 

predominately are located in the intestine epithelia, blood-brain barrier, hepatocytes and kidney 

proximal tubules. Transporters such as P-glycoprotein (P-gp = MDR1) control the efflux of drugs and 

are responsible for multidrug resistance (MDR). Many drugs used in cancer therapy are substrates of 

this transporter. Reliable test systems specifically for P-gp [222] and many other ATP-transporters 

would enable investigations of the transport and to determine efflux rates of drug candidates. This 

knowledge will help to develop drugs, which are less prone to drug resistance [221]. 

Finally, a protein complex is mentioned here, which is not a drug target, but provides a mechanistic 

insight in the translocation of large molecules across membranes. The large nuclear pore 

complex [223] consisting of about 30 different proteins with a total molecular weight of 120 MDa, is 

present in the membrane of the nucleus. This protein pore regulates the transport of a cargo, especially 

RNA-polymers into the cytosol. The transport across the nuclear membrane is regulated by 

karyopherins (Kaps) [224]. The transport mechanism has been studied using a 30 nm pore in a solid 

silicon nitride coated with gold, to which phenylalanine- and glycine-rich nucleoporines are attached 

mimicking the situation of a natural pore [223]. This example shows how nanotechnological structures 

can probably contribute to the understanding of biological processes. 
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4.2. Prokaryotic vs. Eukaryotic Protein Structure 

Prokaryotic 3D-structures of transporters are simpler than those of the eukaryotic analogues. 

However, due to the high structural similarity, mechanistic analysis, modeling and studies of the 

simpler membrane proteins can contribute to understand the relevant human membrane proteins. A 

few examples are given here to underline this statement. 

The voltage-gated prokaryotic sodium channel (NaChBac) consists of 274 amino acids, six 

transmembrane helices (6TM), and forms a homotetramer in the membrane [225]. It plays a key 

function in pH homeostasis [226]. This relatively simple bacterial protein has structural similarities in 

the pore region to Ca2+ channels [227] and was also used as a simple model [163] for the more 

complex eukaryotic voltage-gated sodium channel Na(v)1.1, which consists of four different 6TMs 

domains. A highly resolved structure of this eukaryotic channel is still not yet available. Dysfunction 

of the human Na(v)1.1 channel are related to seizure and mutations therein can cause epilepsy [228]. 

Better knowledge of structures and functional mechanism of ion channels from bacteria to human can 

contribute to improved medical therapies. 

A prominent example of a ligand-gated ion channel (LGIC) is the nicotinic acetylcholine receptor 

(nAChR) (see Figure 4B). This asymmetric receptor channel, consisting of four different subunits, 

forms a pentameric α2βγstructure. It is located in the synapses of neurons and is activated by binding 

the neurotransmitter acetylcholine. The change of the membrane potential, the nerve signal, induces 

the release of the neurotransmitter from vesicles into the synaptic gap. The very short pulse time of 

0.2 ms is achieved by the fast elimination of the neurotransmitter by acetylcholine esterase and the fast 

channel open-closing cycle [229]. Despite decades of research spent on this therapeutically important 

channel [230], many questions remain open. The structure of nAChR could not yet be solved at 

atomic-resolution [230]. Nevertheless, a detailed gating mechanism was proposed based on functional 

studies and confirmed by molecular modeling [231]. Recently, orthologs of this pentameric channel 

have been discovered in bacteria providing the first high resolution structure of an analogue ion 

channel [232]. The architectural structure, conformation analysis and functional studies from closely 

related receptor channels provide dynamic information about the activation mechanism. Drugs bind at 

allosteric site and lipids [190] modulate the activity of AChR. The combined efforts from structure 

resolution, functional studies on isolated membrane proteins [233], and dynamic molecular simulations 

pave the way to a full understanding and to a rational drug design. 

4.3. Study of Protein—Protein Interactions at the Membrane 

Reconstituted membrane proteins in free-standing lipid bilayers are accessible from both sides and 

can be studied at defined conditions. The binding of a ligand results in a conformational change of the 

membrane protein. In many cases two or more proteins are involved in signal transduction or electron 

transfer across membranes [234]. In order to study such complex protein-protein or protein-lipid 

interactions [235], artificial membrane devices will be helpful. Experiments can be carried out to 

investigate effects by addition of ligands, inhibitors or modulators as already demonstrated for the 

simpler pore forming proteins [34]. Furthermore, interactions occurring on the trans-side of the bilayer 

such as, e.g., binding of the natural protein inhibitor arrestin [236] to GPCRs can be investigated. The 
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mechanical properties of such proteobilayer preparations [237,238] can also be characterized using 

AFM-techniques [239,240]. Free-standing membranes allow us to study the working mechanism of 

membrane protein complexes with effectors at a clamped voltage. Membrane protein activity 

modulating factors could be identified [241] using a defined molecular composition. In summary, 

functional assays of membrane proteins provide dynamic information needed for a better 

understanding of biological processes on membranes [242]. 

4.4. Biosensor for Drug Discovery 

Biotechnology provides major tools to identify or validate drug targets (Figure 6) [243]. In order to 

reduce a waste of resources, hit identification and lead optimization at an early stage is crucial [193]. 

Beside the important contributions from structural and molecular biology, functional information from 

patch clamp on cells [244] promote the difficult endeavor to identify potent new drugs. In drug 

discovery, especially the detection of side effects is of pivotal importance. A potential drug compound 

blocking a specific K+ channel, coded by the human ether-à-go-go related gene (hERG) [245], 

provides a strong indication for other heavy and unacceptable side effects. Thus, hERG-tests are 

routinely carried out [246] using high throughput screening (HTS) technologies [217], which provides 

sufficient data in reasonable time [247]. Labor-intensive patch clamp techniques on cells have been 

automatized by several companies [5]. Artificial membranes [17], as discussed in this review, would 

provide some important advantages over cell-based assays and such HTS toxic assays using artificial 

membranes are highly desirable [248]. 

To our knowledge, presently no HTS of reconstituted membrane proteins is on the market. 

Knowledge transfer from multidisciplinary biosensor research of academia to small biotechnology 

firms is difficult [249]. Due to this fact only a few biosensors have been successfully commercialized. 

Biosensors are predominantly sold for monitoring glucose concentrations in the treatment of diabetes. 

Compared to the rather simple electrochemical enzymatic glucose oxidase measurement, assays for 

membrane protein integrated in lipid membranes are far more complex and their development is still in 

an early stage [18]. A close collaboration of academic together with industrial partners is the best way 

to promote curiosity-driven knowledge into a market-driven biosensor product [249]. 

Figure 6: Simplified subsequent phases of the drug discovery process are represented as a series of 

arrows. Biochemical assays provide functional information of the drug target (A). Among a plethora of 

precursor drug candidates, which bind to a drug target such as a membrane protein, a lead compound is 

selected using high throughput screening (HTS) methods (B). The pharmacology of a selected lead is 

further optimized in the ADME (adsorption, distribution, metabolism, excretion) procedure (C). 

Toxicological effects potentially occurring in vivo are assessed by monitoring the inhibition of the 

potassium ion channel hERG at an early stage. Currently, cell-based functional assays are prevalent. 

They could be replaced in the future by HTS functional assays using membrane proteins integrated in 

engineered lipid bilayers. 
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Figure 6. Drug discovery applications. 

 

5. Information Expected from Functional Devices 

Knowledge of the atomic structure of membrane proteins is the base to understand biological 

processes. Thus, structural biology of membrane proteins were promoted in the past and the solved 

structures from a few GPCRs [250] ion channels [230] and transporters [251] opened an absolutely 

fantastic detailed view on the processes, how signals are transduced across biological membranes. The 

electrophysiological observation of activation, inhibition or modulation can be assigned to specific 

large or small conformation changes of the membrane protein. Simulation of lipid-protein 

interactions [235] can confirm mechanistic explanations of functions and reveal driving forces for the 

observed structural changes. Since lipids influence the properties of the membrane or can specifically 

interact with a specific integral membrane protein, experimental setups of bilayers with defined lipid 

compositions are useful. Such devices allow us to investigate effects resulting upon activation, 

stimulation or inhibition by measuring quantitatively ion channel signals. Determination of the impact 

of site-specific mutagenesis in functional membranes proteins contribute to identify structural entities, 

which are related to function. To illustrate the potential of such functional devices some  

structure-function relationship studies are presented. 
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from proteins in different states of activation is needed. The over 300 different GPCRs bind a large 

repertoire of different natural molecules and odorants, however, their conformational change upon 

activation is highly conserved [256]. Again, structural information of a GPCR-drug target is 

indispensable to understand function [196]. Functional assay of reconstituted GPCRs [257], will allow 

us to investigate further the dynamic regulation by natural inhibitors or the modulation by 

pharmaceutical compounds. Solubilization [257] and integration of the GPCRs in nanodiscs [258] or in 

planar lipid bilayers provide the base for in vitro tests needed to investigate protein functionality [259] 

and monitor ligand-protein interactions. 

5.2. Detection Methods for Membrane Protein Activities 

Electrophysiological techniques are simple and best suited to quantify ion channel activities. The 

translocation activity of P-gp or other proteins can also been detected electrochemically, if the 

transported molecules are charged. However, due to the lower unitary transport rates of transporters, 

the passive diffusion of the species of interest across membranes cannot be neglected and a tight 

bilayer is essential. Using surface plasmon resonance (SPR) techniques, optical-active compounds 

accumulated in the trans-compartment can be quantified. Optical methods are also useful to detect 

binding of optically detectable ligands on reconstituted GPCRs [133] immobilized on surfaces [260]. 

Beside the frequently used optical and electrochemical detection, sensitive infrared 

spectroscopy [93,261] and enhanced Raman scattering [262] have been reported to monitor 

interactions of membrane proteins. For these detection methods, sealing resistance of the bilayer is not 

the critical factor. Optical and fluorescence techniques will offer excellent experimental flexibility to 

monitor complex processes and dynamic interactions occurring at cell membranes in a defined setup. 

5.3. Contribution of Artificial Systems to the Understanding of Cell Functions 

Debates on the significance of in vitro systems for cell processes will probably never end. The 

question is not, if valuable knowledge can be best acquired through investigation of natural cells or 

from reconstituted membrane proteins. Rather, the limitations of each approach better their 

contribution to understand biology should be recognized. A picture or a blueprint of a machine is in 

most cases not sufficient to understand what the machine is made for. Whole cells are of course more 

complex than man-made machines and elucidation of their functions do require many different 

complementary techniques. Quantitative ion flux measurements in the presence of ligands are 

performed to identify and to rank potent binders by using patch clamp techniques for cells with 

overexpressed channels. To which extent such cells reflect the behavior of natural cells, remains open. 

Furthermore, the complex interaction with unknown cell components is out of control. By microscopic 

methods a protein or organelle of interest can be precisely localized at a molecular level [263] within a 

cell and the induced changes can be monitored over time using fluorescent markers. The modification 

of the protein by a green fluorescence protein (GFP)-domain or a smaller fluorescent dye is assumed to 

have minimal influence on molecular interactions and the related functions. In summary, cell assays 

are important to visualize functions, but are not sufficient to fully understand mechanisms and processes.  

For a detailed understanding of biological processes, further bottom-up approaches are necessary. 

Structures at atomic resolution provide the architecture of a molecular machine in a discrete state and 
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molecular dynamic simulations can corroborate assumed functional steps. Since for protein 

crystallization truncated or stabilized protein fragments are frequently used, the conformational 

changes occurring in a full-length protein and the importance of flexible loops are out of the focus and 

remain obscure. Despite of these limitations, structural biology provides the essential base for 

understanding molecular processes of biology. 

Finally, biochemistry provides complementary information. In biochemistry first a functional unit is 

isolated or produced (expressed) using molecular biological methods, followed by investigations under 

controlled conditions using dedicated instruments. Quantitative measurements of activation-related 

changes of the conformation or electronic status of a membrane protein with high temporal resolution 

provide essential information about dynamic processes. In biosensors such an experimental setup is 

further developed aimed at achieving a reliable, sensitive and robust analytical system for a specific 

application. A biosensor essentially combines a functional biological unit to a detector and can be 

considered as a highly sophisticated bio-analytical device. 

6. Outlook 

Progress in biosensor was not as fast as anticipated many years ago. Especially biosensors for 

membrane protein are difficult to realize and only a few prototypes have been developed. Not just 

“technical” problems are limiting. The identification of relevant factors for a sufficiently high bilayer 

stability and membrane protein functionality was in the focus in the past. However, a smart concept is 

needed, which includes all aspects of material properties, fabrication processes and assembly of 

components. Fabrication of sensors and devices should be simple and inexpensive and preparation and 

detection methods should be reliable and automatized. The aim of this review is to make aware that 

solving problems of bilayer preparation and signal detection is not sufficient. The membrane protein of 

interest is the key component, which is fragile and needs a suitable environment. This sensing surface 

has to be addressed by a fluidic system, which enables the addition of effectors and a rapid change of 

experimental conditions. A sensitive detection with low noise to monitor activation-related signals 

remains a challenge. In the past, emphasis was put on materials, surface chemistry and detection 

method using model membrane proteins. However, for a specific application dedicated engineered 

membrane proteins are required. Biosensors for hundreds of relevant membrane proteins can be made 

and the focus in the future will be put on all aspects concerning the biological recognition element [264].  
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