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Abstract: This paper reports the design and construction of a plastic-glass hybrid microfluidic
platform for performing protein crystallization trials in nanoliter double emulsions. The double
emulsion-based protein crystallization trials were implemented with both the vapor-diffusion
method and microbatch method by controlling the diffusion of water between the inner and
outer phases and by eliminating water evaporation. Double emulsions, whose inner and outer
environments can be easily adjusted, can provide ideal conditions to explore protein crystallization
with the advantages of a convection-free environment and a homogeneous interface. The property
of the water-oil interface was demonstrated to be a critical factor for nucleation, and appropriate
surfactants should be chosen to prevent protein adsorption at the interface. The results from the
volume effect study showed a trend of fewer crystals and longer incubation time when the protein
solution volume became smaller, suggesting that the nucleation in protein crystallization process
can be controlled by changing the volume of protein solutions. Finally, sparse matrix screening
was achieved using the double emulsion-based microbatch method. The double emulsion-based
approach for protein crystallization is a promising tool for enhancing the crystal quality by
controlling the nucleation process.

Keywords: microfluidic platform; double emulsion; microreactor; protein crystallization;
surface effect; volume effect; screening

1. Introduction

The atomic structure of protein molecules is important both for understanding the architectures
and functions of living matter and for providing essential knowledge to the pharmaceutical industry,
such as new drug discovery and medical therapy [1–3]. There have been several techniques
developed for determining the three-dimensional protein structures in laboratories, including
X-ray crystallography [4–7], nuclear magnetic resonance spectroscopy (NMR) [8] and cryo-electron
microscopy [9,10]. To date, about 90% of the protein structures in the Protein Data Bank (PDB) have
been determined using X-ray crystallography [11]. A prerequisite for X-ray crystallography is to
produce high-quality protein crystals, which remains one of the bottlenecks in this endeavor [12].
Proteins crystallize in a narrow region of the crystallization phase diagram where nucleation and
crystal growth, but not precipitation, occur. The phase diagram is multidimensional and complex,
and unfortunately, there are neither comprehensive theories nor a good base of fundamental data to
guide our efforts in protein crystallization yet.

Due to the reasons mentioned above, protein crystallization depends generally on trial and error
practice up to now. To identify the possible hits and to optimize the conditions for crystallization,
large-scale screening in which variable solution ratios of a protein sample with hundreds or even
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thousands of precipitants and additives needs to be operated, which may consume a large amount
of samples, time and labor. In recent years, great efforts have been made to minimize the volume
of each crystallization trial with the development of robotic dispensers [13,14] and microfluidic
chips [15,16]. The robotic systems are able to dispense and mix protein and precipitant solutions
in microwells or microchambers with nanoliter volumes, and hundreds of thousands of trials can be
performed per day. However, the equipment is usually too expensive for most individual laboratories.
Alternatively, microfluidic techniques emerge with attractive features in manipulating small volumes
(picoliter to nanoliter) of reagents by a relatively simple and economic way [17,18] Miniaturization
through microfluidics can be used to crystallize proteins and provide unique experimental conditions
that are either difficult or impossible with macroscopic tools. Different kinds of microfluidic
systems, including valve-based systems [19,20], droplets-based systems [21–23] and microwell-based
systems [24–28], have been developed to implement the conventional protein crystallization methods
of vapor diffusion, microbatch, dialysis and free interface diffusion [1,16].

Emulsions are dispersions of two immiscible fluids, such as water and oil. Multiple emulsions
are more complex mixtures as nested groups of several droplets, or “emulsions in emulsions” [29].
Typical examples of multiple emulsions are double emulsions in the form of water-in-oil-in-water
(W/O/W) or oil-in-water-in-oil (O/W/O). Double emulsions are attractive systems due to
the distinctive and highly hierarchized structures and have a variety of applications, both in
industry, such as pharmaceuticals [30], food processing [31] and cosmetics [32], and in the
laboratory as “smart microreactors” in which samples are confined and manipulated in small
volumes for preceding reactions or delivery, such as quantitative flow cytometric analysis [33],
in vitro transcription/translation [34] and synthesis of organic molecules and nanoparticles [35].
Emulsion-based approaches for protein crystallization were established to be a promising tool for
reducing unwanted heterogeneous nucleation and gaining the chance to obtain one crystal in one
droplet [36,37]. The contact between the crystallizing reagents and the wall of supporting containers
is one of the factors that induces unwanted heterogeneous nucleation, which is detrimental to X-ray
diffraction analysis for protein crystals. To eliminate the contact, Chayen et al. [36] developed a
“containerless” crystallization technique by suspending a droplet of crystallizing reagents between
two immiscible kinds of oils, one of which has a higher density than water and the other one lower,
to make the droplet float at the interface. Compared to those protein crystallization trials performed
in single emulsions, double emulsions can provide ideal conditions to explore protein crystallization
for the advantages of a convection-free environment and a homogeneous interface. An oil shell in
double emulsions can separate the crystallizing reagents from the container walls to implement
the containerless method. Moreover, a semi-permeable oil shell can provide more controls of the
aqueous environment, such as concentration. However, emulsions, especially double emulsions,
are thermodynamically unstable systems, which limits their application in long-term experiments,
including protein crystallization.

In this work, we developed a new plastic-glass hybrid microfluidic platform for producing and
stabilizing nanoliter-scale double emulsions and demonstrated the application of double emulsions
for protein crystallization. The traditional vapor diffusion method and microbatch method were both
implemented on the present platform. In the traditional way, the vapor diffusion method [38,39]
(Figure S1a) is performed by a drop of unsaturated protein and precipitant solution sitting or hanging
over a reservoir solution containing relatively concentrated precipitant solution. By equilibration
of water vapor from the droplet to the reservoir solution, the protein concentration in the droplet
increases, and nucleation starts, followed by crystal growth. The microbatch method [40,41]
(Figure S1b) is a miniaturized batch experiment in which protein solution is mixed with precipitant
solution and incubates undisturbedly under a low-density inert oil. If the conditions are suitable,
the initial mixture will start to form nuclei spontaneously, following the decrease of protein
concentration, as crystals begin to grow on the existing nuclei until the line intersects the solubility
curve. Our work using double emulsion showed that double emulsion-based approaches yielded
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more single crystals per droplet than water-in-oil droplet-based approaches in various volumes.
The double emulsion-based approaches provide a simple and economic way for in situ serial
crystallization in which diffraction data are collected with many small data wedges from a multitude
of non-cryocooled and randomly-oriented crystals [42–44].

2. Experimental Section

2.1. Device Fabrication

We produced emulsion droplets using a plastic-glass hybrid microfluidic device fabricated
through the co-axial capillary-based scheme (Figure 1) [45]. This hybrid chip was composed of
two independent parts: a co-flow junction and a flow-focusing junction. To fabricate the co-flow
junction part, glass capillaries, silicone tubing and Teflon tubing were used. As the inner channels,
two glass capillaries (Reafine Chromatography Ltd, Hebei, China) with inner diameter (ID) = 100 µm
and outer diameter (OD) = 150 µm were cut into a length of about 4 cm and inserted into a
piece of 2 cm-long Teflon tubing (Zeus Industrial Products, Raritan, NJ, US) with ID = 300 µm
and OD = 600 µm. A piece of silicone tubing (TYGONr Tubing, Model S-54-HL, Saint-Gobain
Performance Plastics, Akron, OH, USA) with ID = 500 µm was cut with a length of 2 cm, and a hole
was punched in the middle through one side of the wall using a needle. The two inner capillaries
were threaded through the punched hole, and the Teflon tubing was inserted into the silicone tubing
to a depth of 3–5 mm for fixing. The ends of the two inner capillaries were aligned inside the Teflon
tubing under a microscope. Ultraviolet (UV) glue was used to seal the punched hole and to fix the
two inner capillaries simultaneously. Finally, another three pieces of Teflon tubing were connected to
the exposed ends of the two inner capillaries for loading the inner aqueous phases and to the silicone
tubing for loading the oil phase, respectively.
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To fabricate the flow-focusing junction, glass capillary and silicone tubing were used. Two small 
holes were drilled through a glass capillary with ID = 0.86 mm and OD = 1.5 mm (Sutter Instrument, 
Novato, CA, USA). A piece of silicone tubing was cut into a length of 3 cm and throughout hole was 
drilled in the middle with the size smaller than the OD of the glass capillary. Thereafter, the glass 
capillary was inserted through the holes of the silicone tubing, and the two holes on the capillary 
were adjusted to face the silicone tubing outlets for loading the continuous phase. UV glue was used 
to enforce the sealing and fixing. 

Figure 1. (a) Schematic illustration and (b) photograph of the plastic-glass hybrid microfluidic
device with a Hong Kong 20-cent coin; (c) Optical microscope image showing the co-flow junction
as highlighted with a red rectangle in (b). The reagent mixing between the two innermost aqueous
streams of 0.27 M FeCl3 and 1 M potassium thiocyanate (KSCN) for the innermost streams A1 and
A2, respectively, within the yellow rectangle.
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To fabricate the flow-focusing junction, glass capillary and silicone tubing were used. Two small
holes were drilled through a glass capillary with ID = 0.86 mm and OD = 1.5 mm (Sutter Instrument,
Novato, CA, USA). A piece of silicone tubing was cut into a length of 3 cm and throughout hole was
drilled in the middle with the size smaller than the OD of the glass capillary. Thereafter, the glass
capillary was inserted through the holes of the silicone tubing, and the two holes on the capillary
were adjusted to face the silicone tubing outlets for loading the continuous phase. UV glue was used
to enforce the sealing and fixing.

To assemble the plastic-glass hybrid device, two pieces of silicone tubing were used as the
connector of the two parts. The smaller silicone tubing was portable for connecting the Teflon tubing
of the first part, while the larger silicone tubing was for connecting the glass capillary of the second
part. During all steps, heating the silicone tubing for a few minutes can soften the tubing and make the
insertion of Teflon tubing or glass capillaries significantly easier. Moreover, this hybrid microfluidic
device needs no surface treatment, as Teflon in the first junction is non-wettable to all of the reagents
used in this work and suitable for producing water-in-oil emulsions, while the glass in the second
junction is hydrophilic enough for oil-in-water emulsion generation. Besides, replacing or washing
each of the two junctions is easy for the purpose of reuse.

2.2. Microfluidic Production of Emulsions

For demonstrating the performance of the plastic-glass hybrid microfluidic device, FeCl3
(Merch-Schuchardt, Hohenbrunn, Germany) and potassium thiocyanate (KSCN) (International
Laboratory, San Francisco, CA, USA) were dissolved in deionized (DI) water at a concentration
of 0.27 M and 1 M, respectively. Blue food dye (McCormick & Company, Sparks, MD, USA)
solution was diluted 20 times with DI water. The aqueous continuous phase for producing W/O/W
double emulsions contained 0.5% (w/v) sodium dodecyl sulfate (SDS, Analytical Reagent) as the
surfactant. Fluorinated oil FC-40 (3M) was used as the continuous phase for producing water-in-oil
(Al’s oil)-in-oil (fluorinated oil) (W/O/F) double emulsions. All of the aqueous solutions were filtered
by a 0.45-micron filter membrane (DISMIC-3cp, Advantec, Tokyo, Japan) prior to use. Al’s oil was
prepared by mixing an equal volume ratio of silicone oil (Fluid 5, Brookfield, Middleborough,
MA, USA) and paraffin oil (Batch: 10C240521, BDH, VWR, Fontenay-sous-Bois, France) to adjust
the permeability of water across the oil shell [46]. Surfactants dissolved in the oil phase were
749 Fluid (Dow Corning, Midland, MA, USA), ABIL EM 90 (Owen, Guangzhou, China) or KF-6038
(Shin-Etsu Chemical Company Ltd, Tokyo, Japan) in different cases. All liquids were loaded
into the microfluidic device via Teflon tubing using springe pumps (Model PHD 2000, Harvard
Apparatus, Holliston, MA, USA) to control the flow rates. The pipette tips for collecting and storing
double emulsions were purchased from Volac. The emulsions for both on-chip formation and inside
storage containers were imaged with a CCD camera (SPOT Insight, Diagnostic Instruments, Sterling
Heights, MI, USA) attached to a stereo microscope (MZ 16, Leica, Harvard Apparatus). The size of
emulsions was measured using the software SPOT (Diagnostic Instruments, Sterling Heights, MI,
USA) after calibration.

2.3. Reagents and Data Analysis for Protein Crystallization

Four model proteins were used for the crystallization experiments: (1) Chicken egg-white
lysozyme (Beyotime, Haimen, China) in 50 mM sodium acetate buffer, pH 4.5; (2) Thaumatin
(Wako Pure Chemical Industries Ltd, Osaka, Japan) in 0.1 M N-(2-acetamido)-iminodiacetic acid
(ADA) buffer, pH 6.5; (3) trypsin (Sigma-Aldrich) in 10 mM calcium chloride, 10 mg/mL benzamidine
hydrochloride, 25 mM 4-(2-hydroxyethl)-1-piperazineethanesulfonic acid (HEPES) buffer, pH 7.0;
and (4) horseradish peroxidase (Sigma-Aldrich, St. Louis, MO, USA) in 0.1 M phosphate buffer,
pH 7.2. The precipitant solutions were: (1) 7% (w/v) sodium chloride in acetic acid-sodium acetate
buffer, pH 4.6 for lysozyme; (2) 2.0 M sodium potassium tartrate in 0.1 M HEPES buffer, pH 7.5
for thaumatin; (3) 0.2 M ammonium sulfate and 30% (v/v) polyethylene glycol (PEG) 8000 in 0.1 M
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sodium cacodylate buffer, pH 6.5 for trypsin; and (4) 0.2 M calcium chloride, 28% (v/v) PEG 400,
0.1 M HEPES buffer, pH 7.5 for horseradish peroxidase. Different concentrations of each protein
were prepared in the buffer solutions according to the objectives discussed in the following sections.
All of the reagents were stored at 4 ˝C and filtered by a 0.45-micron filter membrane prior to use.
The crystallization results for each protein crystallization trial were examined by a polarized light
stereomicroscope (MZ 16, Leica, Germany) equipped with a CCD camera (SPOT Insight, Diagnostic
Instruments, Sterling Heights, MI, USA). The fluorescent images showing the observation of protein
adsorption at liquid-liquid interfaces were taken by a laser scanning confocal microscope (C1Si,
Nikon, Tokyo, Japan).

3. Results and Discussion

3.1. Performance of the Hybrid Microfluidic Device

Single and double emulsions with different sizes were generated by changing the flow rates
using the plastic-glass hybrid microfluidic device. The optical images and diameter distribution
analysis of the collected single and double emulsions in Figure 2a–d showed a high level of
monodispersity. Even higher-order emulsions can also be produced by changing the flow rates of
the inner and middle phases using this hybrid device (Figure 2e). Figure 2f showed the variation in
the mean volume of the inner solutions as a function of the flow rate ratio between the sum of the two
inner fluid streams and the oil phase. The typical volume of the innermost solution ranged from about
10–120 nanoliter (nL) using the presented plastic-glass hybrid microfluidic device. The narrow error
bar indicated a high repeatability of the generated emulsions, suggesting the potential to perform
paralleled experiments within these emulsion droplets with identical volume.
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scenarios were observed during the breakdown of these emulsions: (i) Most of the double emulsions 
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Figure 2. (a,c) Optical microscopic images showing single and double emulsions, respectively;
(b,d) Performance of the plastic-glass hybrid microfluidic device by analyzing the diameter
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respectively; (f) Volume variation of the innermost solutions by applying different flow rate ratios of
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3.2. Stability and Mass Transport of Double Emulsions

There are several factors that affect the stability of emulsions, such as preparation methods,
compound formulation, storage conditions, and so forth [47]. Here, we focused on storing double
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emulsions under different environments with the results shown in Figure 3a. The produced double
emulsions were collected in: Petri dishes, pipette tips (Figure S2a) or Petri dishes with a thin Teflon
membrane to cover the liquid surface (Figure S2b), for subsequent characterization at different time
intervals. For double emulsions stored in Petri dishes, a common storage container in the laboratory,
nearly all of these double emulsions broke down within four hours (Figure 3a). Several common
scenarios were observed during the breakdown of these emulsions: (i) Most of the double emulsions
lost their core droplets to form oil-in-water single emulsions at the very beginning stage, usually
within one hour; (ii) Some of the double emulsions fused to form larger multiple emulsions that
contained several core droplets; (iii) The core aqueous droplets encapsulated in the newly-formed
multiple emulsions further fused to grow into even larger emulsions and finally broke down with
separated phases after about several days.Micromachines 2015, 6, page–page 
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Figure 3. (a) Plot of the retention rate of double emulsions produced by the plastic-glass hybrid 
microfluidic device under different storage conditions as a function of time; (b) Plot of the change in 
the volume of the core droplets inside double emulsions (ΔV) against different concentrations of NaCl 
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surfactants additionally. The results in Figure 3b showed that the enrichment rate increased with 
larger concentration differences between the inner and outer phases. Similar osmotic gradient can be 
generated with non-ionic polymers, such as PEGs and dextran, which are widely adopted in 
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emulsions with the vapor diffusion method. The typical appearances of the crystals are shown in 
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Figure 3. (a) Plot of the retention rate of double emulsions produced by the plastic-glass hybrid
microfluidic device under different storage conditions as a function of time; (b) Plot of the change in
the volume of the core droplets inside double emulsions (∆V) against different concentrations of NaCl
and FC 40 oil in the continuous phase as a function of time.

On the other hand, the retention rate of double emulsions was found to increase significantly
when stored in the pipette tips or under the Teflon membranes compared to that in Petri dishes merely
(Figure 3a). We owed the great improvement to three reasons: isolation of the double emulsions
from the air-liquid interface, the low dispersion density and the reduction of external disturbance.
Because all of the oils used in these experiments have a lower density than that of water, double
emulsions would float up and tend to aggregate at the air-liquid surface. Creaming was observed to
be a very rapid process in this system due to the relatively large emulsion radius, the large density
differences and the low viscosity of the continuous phase. When stored in the pipette tips or under
the Teflon membranes, double emulsions were protected from the air-liquid interface, as the adhesive
forces between the molecules of two liquid phases at the interface were greater than those of the liquid
and air phases. Consequently, the lower surface free energy would help to decrease the breakdown of
the double emulsion systems. Meanwhile, the double emulsions were much less likely to aggregate
in pipette tips or under Teflon membranes, as the dispersion density of double emulsions could be
controlled to be low. Less disturbance would occur during storage because a more closed system was
formed in pipette tips or under Teflon membranes.

The water permeability of the oil layer in W/O/W emulsions driven by osmotic pressure
gradients between the two aqueous phases has been well addressed by previous studies
elsewhere [48–52]. In this study, the mass transport of water across the oil shell of double emulsions
was demonstrated using food dye aqueous solution in the core droplets concentrated against the
continuous phase containing different concentrations of NaCl solution. Al’s oil with 2% (w/v) ABIL
EM 90 was used as the middle oil phase. Besides the salt NaCl, the continuous phase contained
0.5% (w/v) SDS as surfactants additionally. The results in Figure 3b showed that the enrichment rate
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increased with larger concentration differences between the inner and outer phases. Similar osmotic
gradient can be generated with non-ionic polymers, such as PEGs and dextran, which are widely
adopted in biological studies to create osmotic stresses [53]. These results would help to render double
emulsions as microreactors with more dynamic control of the reaction process.

3.3. Double Emulsion-Based Approach with the Vapor Diffusion Method

The crystals of the four model proteins were obtained successfully in the W/O/W double
emulsions with the vapor diffusion method. The typical appearances of the crystals are shown in
Figure 4. In these experiments, the continuous phase was DI water containing 0.5% (w/v) SDS and
appropriate concentration of PEG 8000, while the middle oil phase was Al’s oil with 2% (w/w)
ABIL EM 90, which played the role of a semipermeable membrane to allow only water molecules to
transport into or out of the inner aqueous phase depending on the osmotic gradient. In the beginning,
the continuous aqueous phase containing a certain concentration of PEG 8000 provided a higher
osmotic pressure compared to the inner aqueous phase with protein solution. The water molecules
exit through the oil shell from the inner aqueous phase driven by the osmotic pressure until a balance
is reached. Considering the emulsion size, Laplace pressure could be ignored here compared to the
osmotic pressure difference. The dehydration of the inner aqueous phase initiated the nucleation
followed by the nuclei growth, which was similar to the vapor diffusion process. The osmotic pressure
of the continuous aqueous phase was adjusted by changing the PEG 8000 concentration, as shown
in Table 1.

Different protein concentrations were tested to evaluate the concentration effect on the protein
crystallization process. The probability of successful crystallization trials was evaluated by the ratio
between the number of double emulsions that were found to contain crystals inside and the total
number of double emulsions initially tested for the trial. As shown in Figure 5, the results suggested
that a higher protein concentration increased the success rate of crystallization within the tested
concentration range, which meant the presence of more protein molecules increased the nucleation
probability. However, the total success rate using this double emulsion-based implementation
with the vapor diffusion method was relatively low under the applied crystallization conditions,
suggesting that more optimization should be needed, including longer incubation time and finer
adjustment of the osmotic pressure difference [54]. On the other hand, for the double emulsions that
contain crystals, most emulsion droplets contained a single crystal with a relatively large size, even
at the high protein concentration tested in the experiments, which indicated a significant decrease
in uncontrolled heterogeneous nucleation compared to that using conventional methods (as shown
in Figure S3).
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contain crystals, most emulsion droplets contained a single crystal with a relatively large size, even 
at the high protein concentration tested in the experiments, which indicated a significant decrease in 
uncontrolled heterogeneous nucleation compared to that using conventional methods (as shown in 
Figure S3). 
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Figure 5. Probability of successful crystallization trials under different protein concentrations using
the double emulsion-based approach to implement the vapor diffusion method and microbatch
method for: (a) Lysozyme; (b) Thaumatin; (c) Trypsin; (d) Horseradish peroxidase.

Table 1. The applied concentration of PEG 8000 in the continuous phase with different
protein solutions.

Protein Concentration (mg/mL) Applied Concentration of PEG 8000 (% w/w)

Lysozyme 100/80/50 40
Thaumatin 20/10 40

Trypsin 80/60/40 30
Horseradish peroxidase 10/5 35

3.4. Double Emulsion-Based Approach with the Microbatch Method

The crystals of the four model proteins also grew successfully in the W/O/F double emulsions
with microbatch method. The typical appearances of the crystals for the four proteins are shown in
Figure 6. In these experiments, the continuous phase was FC-40 fluid, while the middle oil phase was
Al’s oil with 2% (w/w) ABIL EM 90. FC 40 can serve as an inert sealant to prevent evaporation, as
FC-40 is immiscible to either the inner aqueous phase or the oil phase. Consequently, no chemical
exchange was expected (Figure 3b) and facilitated the microbatch process.

Different from the double emulsion-based vapor diffusion method, the success rate in this case
was much higher and more consistent with the trials using the conventional methods (Figure 5).
On the other hand, in both vapor diffusion and microbatch methods, the double emulsions
presented single crystals in most droplets, suggesting that the double emulsion-based approaches
effectively prevented unwanted heterogeneous nucleation due to the completely homogeneous
interface environment.
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3.5. Effect of Protein Adsorption at the Liquid-Liquid Interface on Protein Crystallization 

Compared to the experiments operated in batch, double emulsions are more sensitive to 
interfacial effects because the surface-to-volume ratio increases significantly [55]. Besides the study 
of proteins, the interface effect has been widely employed to synthesize and assemble many valuable 
materials, such as inorganic crystals [56], metal nanoparticles [57,58] and composite nanocrystals with 
integrated and collective functionalities [59,60]. The well-documented phenomenon of adsorption at 
the interface is expected to have a significant influence on the process of protein crystallization. 
Meanwhile, proteins themselves show strong interfacial activities in water/oil systems, as protein 
molecules usually contain both hydrophilic and hydrophobic domains. In general, the promotion of 
attractive protein-protein interactions can lead to aggregation, which is a critical step in protein 
crystallization. However, it is still not clear whether the protein adsorption at water/oil interface 
would either enhance or reduce protein dehydration at the interface to affect the crystallization 
process in the double emulsions with a completely homogeneous interface [61]. 

To evaluate the interface effect on protein crystallization, crystallization trials of the model 
protein lysozyme (100 mg/mL) were performed in plugs, single droplets and double emulsions. For 
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3.5. Effect of Protein Adsorption at the Liquid-Liquid Interface on Protein Crystallization

Compared to the experiments operated in batch, double emulsions are more sensitive to
interfacial effects because the surface-to-volume ratio increases significantly [55]. Besides the study
of proteins, the interface effect has been widely employed to synthesize and assemble many valuable
materials, such as inorganic crystals [56], metal nanoparticles [57,58] and composite nanocrystals with
integrated and collective functionalities [59,60]. The well-documented phenomenon of adsorption
at the interface is expected to have a significant influence on the process of protein crystallization.
Meanwhile, proteins themselves show strong interfacial activities in water/oil systems, as protein
molecules usually contain both hydrophilic and hydrophobic domains. In general, the promotion
of attractive protein-protein interactions can lead to aggregation, which is a critical step in protein
crystallization. However, it is still not clear whether the protein adsorption at water/oil interface
would either enhance or reduce protein dehydration at the interface to affect the crystallization
process in the double emulsions with a completely homogeneous interface [61].

To evaluate the interface effect on protein crystallization, crystallization trials of the model
protein lysozyme (100 mg/mL) were performed in plugs, single droplets and double emulsions.
For the plugs and single droplets, there was usually direct contact between the protein solutions and
the container walls. Surface deformation was obvious, especially in plugs. Contrarily, crystallization
reagents were protected from the container wall by the oil shell in the case of double emulsions. The
ideal spherical shape of the core droplets in double emulsions could provide a more homogeneous
interface environment compared to plugs and single droplets. To further control the interaction
between the protein molecules and the interface, two surfactants, 749 Fluid and ABIL EM 90, were
added to the oil phase separately. The crystallization outcomes are shown in Figure 7. Both the plugs
and single droplets surrounded by the surfactants of either 749 Fluid or ABIL EM 90 could produce
crystals, while crystals appeared in the double emulsions only with ABIL EM 90 as the surfactant
(Figure 7f), but not with 749 Fluid as the surfactant (Figure 7c).

We believe protein adsorption at the W/O interface was one of the major reasons for the
differences in the crystallization results from double emulsions. There were in total three kinds of
surfactants used in this study, which differed in the molecular structures and in the interaction
with protein molecules. As shown in Figure 8, 749 Fluid, which is a blend of approximately 50%
trimethylsiloxysilicate and 50% cyclomethicone (decamethylpenta-cyclosiloxane), showed a strong
interaction with protein molecules, while the other two surfactants, ABIL EM 90 and KF-6038, can
significantly prevent the interfacial protein adsorption. The molecular structures of 749 Fluid, ABIL
EM 90 and KF-6038 are shown in Figure S4. Each of the ABIL EM 90 and KF-6038 molecules contains
PEG tails, which have been used as the most common functional group to prevent protein adsorption
to interfaces [55,62]. Thereafter, both the vapor diffusion method and the microbatch method were
implemented successfully in the double emulsions with the surfactant KF-6038, as shown in Figure S5.

We think the difference in the crystallization results between plugs/single droplets and double
emulsions is due to the non-homogeneous interface. Similar to Chayen’s containerless method, the
oil shell in double emulsions can remain in a spherical shape and separate the crystallizing reagents
from the container walls to reduce unwanted heterogeneous nucleation. However, the defects at the
water-oil interface in plugs/single droplets may affect the crystallization process by enhancing the
nucleation and possibly the number of the nucleation sites [25]. As shown in Figure 7, crystals tended
to aggregate and grew in the deformed areas. The deformed and consequently non-homogeneous
interface initiated and promoted the nucleation. This phenomenon was also observed in multiple
emulsions (Figure S6). The time for the critical nuclei formation usually was a little shorter when
there was a deformed surface presented. However, crystals growing under such conditions usually
had defects in the structure compared to those growing from a homogeneous interface environment
provided by double emulsions.
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Figure 7. Crystallization results of lysozyme in plugs (a,d), droplets (b,e) and double emulsions (c,f). 
The oil phases are silicone oil with 3% (w/w) 749 Fluid in (a–c) and Al’s oil with 2% (w/w) ABIL EM 90 
in (d–f). Scale bars: 200 μm. 

Figure 7. Crystallization results of lysozyme in plugs (a,d), droplets (b,e) and double emulsions (c,f).
The oil phases are silicone oil with 3% (w/w) 749 Fluid in (a–c) and Al’s oil with 2% (w/w) ABIL EM
90 in (d–f). Scale bars: 200 µm.
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Figure 8. Florescent images showing protein adsorption at the W/O interfaces, which can be either 
enhanced or prevented. The oil phases in each case are: (a) 749 Fluid; (b) ABIL EM 90; (c) KF-6038;  
(d) Silicone oil with 3% (w/w) 749 Fluid; (e) Al’s oil with 2% (w/w) ABIL EM 90; (f) Al’s oil with 1% (w/w) 
KF-6038. The fluorescent protein is eGFP. Scale bars: 500 μm. 

3.6. Volume Effect on Protein Crystallization 

With the ability to produce identical emulsions in a volume range of nanoliters using the 
presented microfluidic device, the effect of crystallization reagent volume on the behavior of the 
protein crystallization process was studied. Two model proteins, thaumatin and horseradish 
peroxidase, were adopted for crystallization trials using the known crystallization conditions with a 
series of crystallization reagent volumes ranging from 15–100 nL. To obtain a higher success rate in 
each microreactor, the emulsion-based microbatch method was used to perform the experiments. The 
oil phase was paraffin oil with 2% (w/w) surfactant ABIL EM 90 to reduce mass transport as much as 
possible. FC-40 was used as the continuous phase to produce W/O/F double emulsions. The collected 
plugs, single droplets and double emulsions were incubated and monitored at different time intervals at 
room temperature (about 21 °C) and high humidity (>95%). Large droplets containing 1 μL crystallization 
reagent were also performed using the conventional microbatch method as the control experiments. 

Differing from the results in large volume droplets, a few empty plugs, single droplets and 
double emulsions were observed, especially in those with smaller volumes. This result should be 
owed to the probability of nucleation events decreasing with the reduction in the volume of protein 
solutions. As shown in Figure 9, more crystals were formed in the plugs and droplets with a larger 
volume for both thaumatin and horseradish peroxidase. However, the trend was not so obvious for 
the crystallization trials performed in double emulsions. The probability of one crystal per container 
became larger in smaller containers in all of the crystallization conditions. Although the success  
rate was lower compared to the conventional or other emulsion-based methods, it was still  
worth pointing out that under the tested conditions, double emulsions can help achieve the 
equilibrium of each container grown with only one crystal, which is the optimal condition for serial  
crystallography [37,63]. 

Additionally, the incubation time for protein crystals to appear was also found to relate to the 
volume of protein solution (Figure 10). In the control experiments, crystals started to form within 4~6 h 
in the droplets for both tested model proteins. The time consumption could actually change with 
several folds or even in the order of magnitude among the double emulsion-based methods and the 
conventional methods. In the nanoliter scale emulsions, a convection-free environment was provided. 
The growth step, which depends mainly on molecule diffusion, can be regarded as identical for the 
presented emulsion-based crystallization trials. Therefore, the phenomenon that protein molecules 
crystallized with a longer time in a smaller solution volume indicated that the probability for 
nucleation became smaller in reduced volumes. These results agree with the previous studies that the 
nucleation in the protein crystallization process can be controlled by changing the volume of protein 
solutions [64–67]. 

Figure 8. Florescent images showing protein adsorption at the W/O interfaces, which can be either
enhanced or prevented. The oil phases in each case are: (a) 749 Fluid; (b) ABIL EM 90; (c) KF-6038;
(d) Silicone oil with 3% (w/w) 749 Fluid; (e) Al’s oil with 2% (w/w) ABIL EM 90; (f) Al’s oil with
1% (w/w) KF-6038. The fluorescent protein is eGFP. Scale bars: 500 µm.

3.6. Volume Effect on Protein Crystallization

With the ability to produce identical emulsions in a volume range of nanoliters using the
presented microfluidic device, the effect of crystallization reagent volume on the behavior of
the protein crystallization process was studied. Two model proteins, thaumatin and horseradish
peroxidase, were adopted for crystallization trials using the known crystallization conditions with
a series of crystallization reagent volumes ranging from 15–100 nL. To obtain a higher success rate
in each microreactor, the emulsion-based microbatch method was used to perform the experiments.
The oil phase was paraffin oil with 2% (w/w) surfactant ABIL EM 90 to reduce mass transport as
much as possible. FC-40 was used as the continuous phase to produce W/O/F double emulsions.
The collected plugs, single droplets and double emulsions were incubated and monitored at different
time intervals at room temperature (about 21 ˝C) and high humidity (>95%). Large droplets
containing 1 µL crystallization reagent were also performed using the conventional microbatch
method as the control experiments.
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Differing from the results in large volume droplets, a few empty plugs, single droplets and
double emulsions were observed, especially in those with smaller volumes. This result should
be owed to the probability of nucleation events decreasing with the reduction in the volume of
protein solutions. As shown in Figure 9, more crystals were formed in the plugs and droplets with
a larger volume for both thaumatin and horseradish peroxidase. However, the trend was not so
obvious for the crystallization trials performed in double emulsions. The probability of one crystal
per container became larger in smaller containers in all of the crystallization conditions. Although
the success rate was lower compared to the conventional or other emulsion-based methods, it was
still worth pointing out that under the tested conditions, double emulsions can help achieve the
equilibrium of each container grown with only one crystal, which is the optimal condition for serial
crystallography [37,63].

Additionally, the incubation time for protein crystals to appear was also found to relate to the
volume of protein solution (Figure 10). In the control experiments, crystals started to form within
4~6 h in the droplets for both tested model proteins. The time consumption could actually change
with several folds or even in the order of magnitude among the double emulsion-based methods
and the conventional methods. In the nanoliter scale emulsions, a convection-free environment
was provided. The growth step, which depends mainly on molecule diffusion, can be regarded as
identical for the presented emulsion-based crystallization trials. Therefore, the phenomenon that
protein molecules crystallized with a longer time in a smaller solution volume indicated that the
probability for nucleation became smaller in reduced volumes. These results agree with the previous
studies that the nucleation in the protein crystallization process can be controlled by changing the
volume of protein solutions [64–67].Micromachines 2015, 6, page–page 

11 

 
Figure 9. Effects of the protein solution volume in plugs, single droplets and double emulsions on 
protein crystallization. The number of protein crystals grown in each container with different protein 
solution volumes for (a) thaumatin and (c) horseradish peroxidase. The relationship between the 
probability of single crystals grown in the containers and different protein solution volumes for  
(b) thaumatin and (d) horseradish peroxidase. The model proteins: 20 mg/mL thaumatin and 5 mg/mL 
horseradish peroxidase. 

 
Figure 10. Plot of the incubation time for the protein crystals to appear in double emulsions with 
different protein solution volumes for (a) thaumatin and (b) horseradish peroxidase. The model 
proteins: 20 mg/mL thaumatin and 5 mg/mL horseradish peroxidase. 

3.7. Double Emulsion-Based Approach for Sparse Matrix Screening 

To perform sparse matrix screening by the double emulsion-based approach, the solutions of the 
crystallization screening kit were firstly preloaded into a piece of Teflon tubing in the form of 
segments, all of which were separated with fluorocarbon oil and air plugs. The reagent consumption 
of the protein crystallization screening kit was as small as several microliters for each. To avoid the 
instability of solution plugs where air bubbles might be trapped unexpectedly in single long Teflon 
tubing, the screening kit solutions were divided into a few groups and preloaded into several pieces 
of Teflon tubing within a proper length (<15 cm). The Teflon tubing between the syringe and the 
plastic-glass hybrid microfluidic device can be replaced with another containing different screening kit 
solutions to facilitate a high-throughput sparse matrix screening without affecting the performance. 

The protein crystallization screening kit used here was Crystal Screen HT™-HR2-130 from 
Hampton Research (Laguna Niguel, CA, USA), containing 72 screening conditions. The model 
protein was 20 mg/mL thaumatin, which would be mixed with the screening kit solutions at an equal 
volume ratio. The double emulsion-based microbatch method was performed for the screening trials 

Figure 9. Effects of the protein solution volume in plugs, single droplets and double emulsions
on protein crystallization. The number of protein crystals grown in each container with different
protein solution volumes for (a) thaumatin and (c) horseradish peroxidase. The relationship between
the probability of single crystals grown in the containers and different protein solution volumes
for (b) thaumatin and (d) horseradish peroxidase. The model proteins: 20 mg/mL thaumatin and
5 mg/mL horseradish peroxidase.
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Figure 10. Plot of the incubation time for the protein crystals to appear in double emulsions with
different protein solution volumes for (a) thaumatin and (b) horseradish peroxidase. The model
proteins: 20 mg/mL thaumatin and 5 mg/mL horseradish peroxidase.

3.7. Double Emulsion-Based Approach for Sparse Matrix Screening

To perform sparse matrix screening by the double emulsion-based approach, the solutions of
the crystallization screening kit were firstly preloaded into a piece of Teflon tubing in the form of
segments, all of which were separated with fluorocarbon oil and air plugs. The reagent consumption
of the protein crystallization screening kit was as small as several microliters for each. To avoid
the instability of solution plugs where air bubbles might be trapped unexpectedly in single long
Teflon tubing, the screening kit solutions were divided into a few groups and preloaded into several
pieces of Teflon tubing within a proper length (<15 cm). The Teflon tubing between the syringe
and the plastic-glass hybrid microfluidic device can be replaced with another containing different
screening kit solutions to facilitate a high-throughput sparse matrix screening without affecting
the performance.

The protein crystallization screening kit used here was Crystal Screen HT™-HR2-130 from
Hampton Research (Laguna Niguel, CA, USA), containing 72 screening conditions. The model
protein was 20 mg/mL thaumatin, which would be mixed with the screening kit solutions at an
equal volume ratio. The double emulsion-based microbatch method was performed for the screening
trials with paraffin oil containing 2% (w/w) surfactant ABIL EM 90 as the oil phase. As control
experiments, the conventional microbatch trials were performed as well with a total of 1 µL of
protein and screening kit solutions at an equal volume ratio. For both the conventional and double
emulsion-based microbatch methods, only three of the 72 precipitant conditions resulted in protein
crystals, as shown in Figure 11, while all the other 69 results were negative, indicating that the protein
crystallization conditions should be similar when using these different methods. A single crystal per
container was also obtained for the successful double emulsion-based screening trials.
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Figure 11. Polarized light photographs showing the screening results for thaumatin under three 
successful screening conditions: C5 (a,d); D2 (b,e); and F2 (c,f). The upper photographs were obtained 
by the conventional microbatch method and the lower ones by the double emulsion-based microbatch 
method. Scale bars: (a–c) 500 μm, (d–f) 300 μm. 

4. Conclusions 

In conclusion, we developed a new plastic-glass hybrid microfluidic platform for producing and 
storing double emulsions, which can be used as microreactors and applied in the study of protein 
crystallization. Double emulsions with a high level of monodispersity can be generated using the 
presented microfluidic device without any surface modification procedures by taking advantage of 
the wetting property of the composition materials. The lifespans of the double emulsions were 
prolonged by storing them in confined environments. The isolation of the double emulsions from the 
air-liquid interface, the protection against external disturbance and the low emulsion dispersion 
density contributed to the enhanced stability of the double emulsions. The long retention time of the 
double emulsions provided the opportunity to conduct long-term biological and chemical reactions 
in these microreactors. To gain more control of the core droplets, the oil shell in double emulsions 
acted as a semipermeable membrane to cause the core droplets to swell or shrink by changing the 
composition of the oil phase or the osmotic gradient between the inner and outer aqueous phases. 

By using the stable double emulsions as microreactors, four model proteins were crystallized 
successfully by implementing the classic vapor diffusion method and microbatch method. 
Surfactants that could prevent protein adsorption at the W/O interface were proven to be a critical 
factor in the crystallization trials in double emulsions. The convection-free environment and 
completely homogeneous interface in double emulsions were demonstrated to be able to significantly 
reduce the unwanted heterogeneous nucleation during the protein crystallization process and to 
increase the chance to obtain one crystal per container, which is the optimal condition for serial 
crystallography. The volume effect on protein crystallization was studied using the double  
emulsion-based microbatch method. Fewer crystals were formed and a longer incubation time was 
needed with the reduction in protein solution volume within the tested range. The trend suggested 
that the nucleation in the protein crystallization process can be controlled by changing the volume of 
protein solutions. We expect the double emulsion-based approach to be able find more applications 
in basic studies that require fine dynamic controls and that need a large number of parallel or serial 
chemical and biological reactions. 

Figure 11. Polarized light photographs showing the screening results for thaumatin under three
successful screening conditions: C5 (a,d); D2 (b,e); and F2 (c,f). The upper photographs were obtained
by the conventional microbatch method and the lower ones by the double emulsion-based microbatch
method. Scale bars: (a–c) 500 µm, (d–f) 300 µm.
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4. Conclusions

In conclusion, we developed a new plastic-glass hybrid microfluidic platform for producing and
storing double emulsions, which can be used as microreactors and applied in the study of protein
crystallization. Double emulsions with a high level of monodispersity can be generated using the
presented microfluidic device without any surface modification procedures by taking advantage
of the wetting property of the composition materials. The lifespans of the double emulsions were
prolonged by storing them in confined environments. The isolation of the double emulsions from
the air-liquid interface, the protection against external disturbance and the low emulsion dispersion
density contributed to the enhanced stability of the double emulsions. The long retention time of the
double emulsions provided the opportunity to conduct long-term biological and chemical reactions
in these microreactors. To gain more control of the core droplets, the oil shell in double emulsions
acted as a semipermeable membrane to cause the core droplets to swell or shrink by changing the
composition of the oil phase or the osmotic gradient between the inner and outer aqueous phases.

By using the stable double emulsions as microreactors, four model proteins were crystallized
successfully by implementing the classic vapor diffusion method and microbatch method.
Surfactants that could prevent protein adsorption at the W/O interface were proven to be a
critical factor in the crystallization trials in double emulsions. The convection-free environment and
completely homogeneous interface in double emulsions were demonstrated to be able to significantly
reduce the unwanted heterogeneous nucleation during the protein crystallization process and
to increase the chance to obtain one crystal per container, which is the optimal condition for
serial crystallography. The volume effect on protein crystallization was studied using the double
emulsion-based microbatch method. Fewer crystals were formed and a longer incubation time was
needed with the reduction in protein solution volume within the tested range. The trend suggested
that the nucleation in the protein crystallization process can be controlled by changing the volume of
protein solutions. We expect the double emulsion-based approach to be able find more applications
in basic studies that require fine dynamic controls and that need a large number of parallel or serial
chemical and biological reactions.
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