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Abstract


Lipases are versatile enzymes widely used in the pharmaceutical, cosmetic, and food industries. They are green biocatalysts with a high potential for industrial use compared to traditional chemical methods. In recent years, lipases have been used to synthesize a wide variety of molecules of industrial interest, and extraordinary results have been reported. In this sense, this review describes the important role of lipases in the synthesis of phytosterol esters, which have attracted the scientific community’s attention due to their beneficial effects on health. A systematic search for articles and patents published in the last 20 years with the terms “phytosterol AND esters AND lipase” was carried out using the Scopus, Web of Science, Scielo, and Google Scholar databases, and the results showed that Candida rugosa lipases are the most relevant biocatalysts for the production of phytosterol esters, being used in more than 50% of the studies. The optimal temperature and time for the enzymatic synthesis of phytosterol esters mainly ranged from 30 to 101 °C and from 1 to 72 h. The esterification yield was greater than 90% for most analyzed studies. Therefore, this manuscript presents the new technological approaches and the gaps that need to be filled by future studies so that the enzymatic synthesis of phytosterol esters is widely developed.
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1. Introduction


The safety level and the consistency of sensory attributes that the food industry has reached contrast to the low nutritional value and low healthiness of processed food, especially fast food and low-cost convenience products. Low-quality food products combined with a sedentary lifestyle, most common in urbanized societies, increase cardiovascular disease risk. In addition, the world has faced several health crises that especially threaten the most vulnerable people, such as individuals with immunodeficiency and metabolic diseases. Several viral epidemics have been recorded in the past 20 years, and emerging ones are expected in the future. Thus, the continuous search for food products and ingredients that may improve human health and prevent serious diseases, such as emerging contagious diseases, while improving overall metabolic health, should be the target of research institutions and industries.



In this context, it is valuable to develop food products and ingredients containing biologically active substances, such as phytosterols. Phytosterols (or plant sterols) are triterpenes with a chemical structure highly similar to cholesterol [1], with more than 200 homologous compounds [2,3], including β-sitosterol, campesterol, and stigmasterol, which are the most abundant phytosterols in nature [4,5]. These compounds are usually found in plant food rich in lipids, such as peanuts, sesame seeds, fruit and grains, and, mainly, in vegetable oils, such as soybean, canola, and sunflower oils [6]. Phytosterols have been included in dietary prescriptions to lower plasma cholesterol levels, either total or associated with low-density lipoprotein (LDL). Absorption of both bile (endogenous) and dietary (exogenous) cholesterol may be reduced by the intake of plant sterols, without affecting the levels of high-density lipoprotein (HDL) [7,8,9,10]. These combined effects would improve the management of blood cholesterol fractions’ levels. In addition to these hypocholesterolemic effects, phytosterols also may prevent cancer and atherosclerosis and have anti-inflammatory, antifungal, and antibacterial activity [11].



As the beneficial health effects of phytosterols are under investigation, further bioactive effects are being discovered, in addition to the hypocholesterolemic activity [12], placing these substances in a prominent position as healthy ingredients in food products. However, wide application in the food industry is hindered as phytosterols are insoluble in water and only marginally soluble in oils [13]. Aiming at widening the industrial use and at improving bioaccessibility, phytosterols have been esterified by varied methods to obtain phytosterol esters, facilitating formulations in oily and fatty food systems [14,15,16,17]. Phytosterol esters have demonstrated similar physiological effects as phytosterols, with lower melting points and higher oil solubility [1]. These molecules have also been used in food formulations, such as margarine [18], reduced-fat spreads, salad dressings [19], and cheddar cheese [20], with great results concerning tolerance and no adverse effects at daily intake [19] as well as improvements of LDL, HDL, and total cholesterol in plasma [18,20]. Synthesis of phytosterol esters can be achieved by esterification with fatty acids or transesterification with their corresponding fatty acid esters by chemical or enzymatic methods [17]. Chemical methods are based on the use of acid [21] or base [22] catalysts, usually associated with high temperatures [13]. Even though these methods produce high yields of phytosterols esters, the formation of many side products and the environmental issues because of chemical wastes, as well as food safety, will limit their use in the near future [23]. Green chemistry can be a choice to reduce the pollution and side reactions of chemical methods, using ionic liquids as catalysts [16]. Lipase-catalyzed phytosterol esters’ production offers several advantages in relation to chemical synthesis, especially regarding the mild reaction conditions used and catalyst specificity, which reduce the formation of by-products [24]. It seems a very promising approach but is still on a bench scale because of high production costs, related to the enzyme, and elevated reaction times [21].



Therefore, in this review, we focused on lipase catalysis for phytosterol esters’ synthesis, pointing out the recent advances related to enzyme technology to reduce costs and increase productivity/yield and determining the new approaches related to enzymatic ester production and the gaps that deserve to be addressed by future studies.




2. Lipases


Of the enzymes with applications in industry, lipases stand out for their diversity of uses, including in the dairy, baking, pulp and paper, polymer, detergent, leather, cosmetics, organic synthesis, and waste management industrial sectors [25]. This is because lipases are not only fast hydrolytic biocatalysts, transforming triacylglycerols into glycerol, monoacylglycerols, diacylglycerols, and fatty acids [26], but they can also catalyze synthesis reactions in media with low water availability [27]. These features, together with high chemo-, regio-, and stereoselectivity at a near-ambient temperature [27,28], make lipases valuable biocatalysts. Besides, lipases are commercially available, and the most widely used in both academia and industry is the immobilized form of lipase B from Candida antarctica (CALB). It can be successfully used in a wide range of reactions and it is a highly stable biocatalyst [29].



Lipases are carboxylic ester hydrolases that act selectively on triacylglycerols and, as such, are classified by the European Commission as EC 3.1.1.3: EC 3, Hydrolases; EC 3.1, Acting on ester bonds; EC 3.1.1, Carboxylic ester hydrolases; and EC 3.1.1.3, Triacylglycerol lipase (IntEnz; Integrated relational Enzyme database, available at www.ebi.ac.uk/intenz/, accessed on 29 December 2021). Several hundreds of lipase sequences are listed in databases, and the Protein Data Base (available at www.rcsb.org, accessed on 28 December 2021) has over 200 three-dimensional lipase structures. However, as the same lipase can have several structures in varying conformations or with different substrates, the 221 structures registered in December 2021 represent lipases from 51 known organisms, in addition to 10 structures from metagenomes or unknown organisms. Lipases have been used to catalyze distinct bioconversion reactions: hydrolysis [30], esterification [31], interesterification [32], alcoholysis [33], acidolysis [27], and aminolysis [34]. The ability to synthesize esters of fatty acids and glycerol makes its use appealing in various ester syntheses [35]. In aqueous media, lipases catalyze hydrolysis reactions, but synthesis reactions can occur in media containing limited water availability, such as fluid lipid substrates, organic solvents, non-aqueous supercritical fluids, deep eutectic solvents, and ionic liquids [36] (Figure 1).



Despite having several advantages over chemical catalysts, enzymes are more expensive and usually demand longer reaction times [37]. Culture medium optimization [38,39] and the use of waste materials as substrate source [38,40,41] during the production of microbial lipases may reduce production costs. Genetic manipulation techniques are also valuable tools to supply many enzymes for large-scale processes at affordable prices [28]. Besides, numerous immobilization techniques [30,31,42,43] with successful results have been proposed to increase the stability of those biocatalysts, which also influence process costs since they enable the catalyst’s reuse for more than a few batches [44]. For example, the thermostability of lipases with different purification levels was significantly increased by immobilization on magnetic nanoparticles, and 70 % of the initial catalytic activity was maintained after 30 reaction cycles [45].



Lipase structure has been reviewed in detail elsewhere [36], and anyone interested in a deeper understanding of lipase structure should refer to this or other extensive reviews on the subject. Characteristically, lipases’ structure has a common α/β hydrolase fold and a conserved catalytic triad, and most lipases also possess the consensus motif G-X1-S-X2-G. During catalysis, the reaction intermediate is stabilized by an oxyanion hole formed with two amino acid residues close to the catalytic triad. The catalytic triad consists of a serine as nucleophile, an acidic residue that can be aspartate or glutamate, and a histidine [46]. Yet other highly conserved features of lipases are the location of the catalytic triad: Serine is in a γ-like turn in the α/β hydrolase fold, after the sheet-β5 and before the following α-helix [47], aspartate/glutamate locates in a loop after the β7-sheet, and the histidine is in a loop after the β8-sheet [48]. From the lipases with three-dimensional structures that have been characterized to date, most possess a lid that bends over the active site. The lid is composed of one or more α-helices that are joined by a flexible bridge to the main structure of the enzyme. When lipases are in the presence of a lipid–water interface, the lid undergoes conformational changes, uncovering the active site, thus giving access to the substrate [49]. This mechanism is known as interfacial activation and explains why most lipases behave as non-Michaelian catalysts, and sigmoid curves are seen when initial velocity is plotted against substrate concentration. Thus, lipase activity increases sharply when the substrate reaches concentrations high enough to form interfaces such as in micelles and emulsified systems [46]. For surface-activated lipases, mostly by the lid mechanism, the enzyme is inactive in the absence of an interface as the entrance to the active site is blocked.



The active site of lipases is located inside a pocket at the central β-sheet of the protein structure [50]. The surface of this pocket is enriched with hydrophobic residues, lowering the energy barrier for the hydrophobic substrate. During catalysis, the two amino acids forming the oxyanion hole stabilize the intermediate by forming hydrogen bonds between their backbone amide proton and the oxygen of the substrate carbonyl group. The catalytic mechanism (Figure 2) starts with an acylation, when a proton is transferred between the aspartate (or glutamate), the histidine, and the serine residues of the lipase, activating the hydroxyl group of the catalytic serine. The activated and consequently more strongly nucleophilic hydroxyl group in serine attacks the carbonyl group of the substrate. The first tetrahedral intermediate has a negative charge, and the oxyanion hole stabilizes the charge distribution and reduces the energy state of the tetrahedral intermediate by forming hydrogen bonds. Deacylation then takes place where a nucleophile attacks the enzyme, releasing the product and regenerating the enzyme. The nucleophile here varies and can be water in the case of hydrolysis, an alcohol in the case of alcoholysis or esterification, or an ester or thioester, respectively, in the cases of interesterification or thioesterification.



Knowledge of lipase’s structure and, most importantly, how it relates to function is essential for biotechnological developments aiming at improved activity, especially by tailoring the enzyme to produce specific products. Recently, Almeida et al. [51] showed that a polyhistidine affinity tag (His-tag) that is frequently used for protein purification purposes modulated the catalytic activity of LipC12 lipase. When the His-tag was preserved after expression, the enzyme was up to 3-fold more effective when used in esterification reactions of medium- and long-chain fatty acids with ethanol. Yixin et al. [52] used directed laboratory evolution to produce lipase B from Candida antarctica (CALB) with the nucleophile exchange Ser → Cys, hence changing the catalytic hydroxyl from Ser to a sulfhydryl. The technique of directed evolution promoted additional mutations to the enzyme leading to the selection of a highly active cysteine-lipase having a Cys-His-Asp catalytic triad and additional mutations: W104V/A281Y/A282Y/V149G. This enzyme showed 40-fold higher catalytic activity than the wild-type and acted through a different catalytic mechanism. As this enzyme was active towards bulky substrates, it seems promising for technological use, for instance, in the transesterification of TAG to sterol esters.



Recent advances in protein engineering enable the creation of tailor-made biocatalysts using molecular modeling and site-directed mutagenesis [28] or by directed evolution techniques [53]. Bassegoda et al. [54] reported that rational protein design requires more information about the enzyme, such as enzyme structure and its relationship with sequence and mechanism-function. This information is used to identify specific residues that can be mutated to improve a specific property. The third wave of biocatalysis, related to evolutive biotechnology, can also empower new capabilities of enzymes with less data because it relies on the Darwinian principles of mutation and selection [53]. Directed evolution was used to produce improved lipase B from Candida antarctica (CALB), increasing catalytic activity and enantioselectivity toward profen esters compared to the wild-type enzyme [55]. CALB mutants were also created by directed evolution to improve their resistance towards irreversible thermal inactivation. A 20-fold increase in half-life at 70 °C was achieved by two mutants compared with the wild-type CALB, which increased its catalytic efficiency [56].



New insights involving environmentally friendly “green” solvents for catalysis have also been studied with lipases, such as the use of ionic liquids (ILs). Elgharbawy et al. [57] reviewed the use of lipase in ILs and found that it provides numerous technological advantages compared to conventionally used solvents, such as enhanced selectivity, improved enzyme stability, higher conversion rate, and better recovery and recycling of the biocatalyst. These findings showed that there are several innovations that were applied to improve lipase performance, which can be tested for several reaction types, such as phytosterol ester synthesis.




3. Phytosterol Esters


3.1. Roles of Bioactive Compounds


Bioactive compounds are components of food that interfere with the human organism functioning, via the effects that they promote in human biology when consumed in realistic quantities and when they can be measured properly. In this context, some groups of lipids are called bioactive lipids, including phytosterols, polyunsaturated, conjugated and branched-chain fatty acids, fat-soluble vitamins, and carotenoids [58].



Over the past two decades, it has been shown that bioactive lipids may act as immunomodulators, reducing inflammation and helping to maintain tissue homeostasis, and some are constituents of cell membranes and energy substrates [59]. Via these effects, bioactive lipids help to prevent various diseases, such as cancer, heart disease, obesity, and neurodegenerative disorders [60].



Regarding lipids’ structure, fatty acid is the basic unit in the most abundant lipids. Fatty acids’ bioactivity depends on structural features, such as chain length, chain branching, and double bonds’ number, position, and configuration. The risk of developing metabolic disease can be decreased by consumption of unsaturated fatty acids, via varied biochemical mechanisms. For instance, monounsaturated fatty acids are anti-inflammatory and decrease plasma LDL levels while simultaneously decreasing the chance of LDL oxidation, which is a major cardiovascular disease promoter. Polyunsaturated fatty acids are more effective in decreasing LDL levels in plasma, especially omega-3 fatty acids that have the additional benefit of being anti-inflammatory, in contrast to omega-6 that can be pro-inflammatory. Conjugated fatty acids might improve the plasma lipoprotein profile and show immunomodulatory activity [61]. Therefore, lipid formulations containing bioactive fatty acids combined with plant sterols might present added benefits to health, especially in the prevention of chronic metabolic disease.




3.2. Phytosterols


Plant sterols are bioactive compounds from plants that tend to be concentrated in the lipid enriched parts, such as oilseeds and fat-rich fruit. Phytosterols belong to the class of triterpenes and have a similar structure to that of cholesterol, which is the most abundant sterol in animal cells. Phytostanols are also plant triterpenes structurally similar to phytosterols, differing only for a carbon-carbon double bond in the B-ring that lacks in the former class of compounds. Phytostanols are also bioactive but, as they are much less concentrated in food, and there are much fewer published studies on phytostanols, we decided to focus on phytosterols in this review. In western populations, the major dietary source of phytosterols is plant oils such as soybean, corn, canola, and wheat germ oil [62], but nuts are concentrated in these steroids and can be the major dietary source depending on dietary habits. Stigmasterol, β-sitosterol, and campesterol are phytosterols most recognized as bioactive in humans [63].



Several studies have been carried out in the last decades and it is now known that phytosterol intake effectively reduces blood cholesterol, in addition to having antioxidant and anti-inflammatory properties, contributing to the attenuation of metabolic diseases, especially cardiovascular. Thus, a worldwide effort has begun to regulate plant sterols’ use in food and dietary supplements, for instance, concerning safe levels and health claims [64].



However, owing to phytosterols’ low solubility in water and in oils, direct application in the food industry is limited. Phytosterols are insoluble in water, and their solubility in fats and oils is close to 1 g/100 g. To overcome this limitation, esterification of a fatty acid to the single hydroxyl of plant sterols has been studied as an approach to increase lipid solubility and facilitate food formulations [17]. For instance, He et al. [65] reported that, by the esterification with linoleic acid, the solubility of phytosterols in oils was improved by 18 times. The esterification of phytosterols not only increases their solubility in oily solutions, but also decreases their melting point and improves flavor and bioavailability [66]. Phytosterols have melting points above 140 °C, but their melting point can be reduced to 25 °C after esterification with oleic acid, for example [67].



Chemical and biological syntheses are the two main methods employed. Chemical synthesis has a good conversion rate; however, it can generate by-products due to the low specificity of chemical catalysts and to the requirements of using high temperatures to promote high conversion rates. Biocatalysts, despite the lower yields, require much lower temperatures, and produce much fewer by-products owing to their catalytic specificity [17].




3.3. Synthesis of Phytosterols’ Esters


Phytosterol esters of fatty acids are currently synthesized by a direct esterification with fatty acids or transesterification with their corresponding fatty acid esters by chemical or enzymatic methods. The chemical synthesis with homogeneous catalysts makes use of high temperatures with strong acids (H2SO4, H3PO4, p-toluenesulfonic acid) or alkali (NaOEt, NaOH, KOH, NaOMe) as catalysts (Figure 3). For instance, concentrated sulfuric acid was used as a catalyst for the esterification of phytosterol with oleic acid at 170 °C, achieving a conversion rate of over 98% after 2 h, but with 18.8% of by-products [68]. These authors also tested the transesterification with NaOMe as catalyst and obtained almost 99% of conversion rate, after 4 h, and 26.7% of by-products [68].



Chemical synthesis is currently the only economically viable process used to produce phytosterol esters, despite the inherent problems in these processes [21]. Chemical catalysis can be significantly efficient to obtain phytosterol esters [21,68]; however, there are numerous drawbacks, mainly related to by-product formation (dienes, trienes, or phytosterols oxides) and the hazardous catalyst residues. By-products’ formation leads to reduced yield and increased complexity in downstream processes. Removal of the chemical catalyst is difficult and often incomplete, in this case resulting in a persistent catalyst in the product. The persistence of by-products and residual catalysts may impact product quality and safety, which is a major concern in the case of food products [68]. Additionally, the effluents formed and the residual catalyst cause a large, negative environmental impact [69].



Virtually all studies on esterification of phytosterols have aimed at reducing the amounts of residues generated and the environmental impacts and at increasing the reaction yield. Almost 40 years ago, Saroja et al. [70] described the synthesis of sterol fatty acid esters catalyzed by chlorine, bromine, thionyl chloride, or anhydride derivatives of fatty acids. However, these catalysts are no longer acceptable to produce food additives.



Pouilloux et al. [22] investigated the ability of magnesium or zinc oxides in heterogeneous catalysis to transesterify β-sitosterol with methyl dodecanoate in a solvent-free medium. In this study, the alkaline solid catalyst yielded 75% sterol ester after 7 h at 240 °C and showed reuse potential. However, the strong alkaline sites of magnesium oxide favored the side reaction of sitosterol dehydration.



In 2006, Meng et al. [21] proposed an innovative scalable route for phytosterol esters’ synthesis in a solvent-free medium, using four heteropolyacids, and avoiding sodium methylate as catalyst. The yield of phytosteryl ester was higher than 90% when the reaction was carried out at 150 °C, at a 1:1.5 phytosterol:fatty acid molar ratio and catalyzed by 0.2% tungstosilicic acid on silica gel. The immobilized tungstosilicic acid was reused in six sequential runs without losing its activity [21]. In a latter study, Meng et al. [68] obtained a maximum production of steryl oleates near 98% after 8 h at 170 °C, using alumina-supported zinc oxide (ZnO/Al2O3) to esterify free oleic acid and phytosterol (95% purity), in a 2:1 molar ratio.



Another innovative method was applied for the synthesis of phytosterol esters by Nguyen et al. [23], which was also more sustainable. The microwave-mediated, non-catalyzed approach resulted in a 95.4% conversion of free phytosterol to esters after 50 min at 180 °C, at 200-W microwave power, and 5:1 oleic acid:phytosterols molar ratio. The non-catalytic esterification by microwave irradiation was ecologically friendly and can produce high-quality phytosterol esters, avoiding the inconveniences resulting from the use of a chemical catalyst, especially catalyst and by-products’ removal from the reaction medium.



In the last decade, enzyme-catalyzed synthesis of phytosterol esters has attracted much interest because of mild reaction conditions, selectivity, and the formation of less numerous and lower amounts of by-products. Numerous lipases have been successfully used for the synthesis of phytosterol esters, which will be the subject of the next topic.





4. Biocatalysis in the Synthesis of Phytosterol Esters


4.1. General Aspects


Several stearic enzymes have been successfully tested for the synthesis of phytosterol esters, with lipases as the most [71]. Esters produced with biocatalysts can be considered “green” products and satisfy the recent demand for sustainability [72]. Thus, to produce phytosterol esters, biocatalysis provides a good way to obtain the mandatory quality for use in food. Biocatalysis of phytosterol esters can be performed by direct esterification or by transesterification (Figure 4).



A systematic search for the terms “Phytosterol AND esters AND lipase” in articles published in the last 20 years (2001–2021) was performed using the Scopus, Web of Science, Scielo, and Google Scholar databases. The papers retrieved were critically evaluated, and those related to the enzymatic synthesis of these molecules were selected. Reviews and original papers related to chemical synthesis, nutritional and medical effects, physicochemical properties, analytical procedures, and economic aspects were excluded. The final set of articles contained 66 documents, which were the object of our analysis (Table 1). More than 85% of these studies used direct esterification as the main reaction strategy. The process conditions and results reported in these studies are summarized in Table 1.



Table 1 shows that Candida rugosa lipases are the most relevant biocatalysts to produce phytosterol esters, being used in more than 50% of the studies found in Scopus, Web of Science, Scielo, and Google Scholar databases. C. rugosa lipases are commercially available, usually as a mixture of isoenzymes, and are among of the most frequently used enzymes in biotransformations [138]. Lipase B from Candida antarctica (CALB), the most used commercial lipase, is also identified in Table 2 in a work performed by Yu et al. [76] in 2019, with high conversion values (93.2%). Additionally, He et al. [65] compared this enzyme with C. rugosa lipase for the transesterification of phytosterols with ethyl linolenate and obtained a conversion four times lower than for CALB. The esterification conversions were also high for most of the studies reviewed (Table 2), some of them reaching more than 95%, which is near to the conversions of chemical reactions. Low reaction times were found in those studies (Table 1), especially with C. rugosa lipase, with which many were lower than 2 h [65,78,84,86,88]. These results showed that the use of enzymes for the synthesis of phytosterol esters is very promising.



Chemoenzymatic methods have also been reported in some studies. Tan and Shahidi [97] studied the chemoenzymatic synthesis of phytosteryl caffeates by means of an intermediate caffeate vinyl, which was initially produced chemically and later esterified with phytosterols by lipase-assisted alcoholysis. In another study, Tan and Shahidi [139] chemoenzymatically synthesized two new groups of phytosteryl phenolates: phytosteryl sinapates and vanillates.



Some patents related to the biocatalysis of phytosterol esters have also been granted in the past 20 years. The search for “Phytosterol AND esters” in the title and abstract of these texts in the Espacenet database led to 85 results, four of which dealt with biocatalysis (Table 2).



Table 2 shows that C. rugosa lipase was also identified in those patents, indicating that, indeed, this is a good biocatalyst for industrial production of phytosterol esters. These studies, articles, and patents show that the synthesis of phytosterol esters by biocatalysis is a green process with great potential to be used in the industrial production of these products. However, to obtain high yields, it is necessary to analyze the variables that influence the reaction performance.




4.2. Parameters Affecting the Biocatalytic Synthesis of Phytosterols’ Esters


Operational parameters such as temperature, substrates’ molar ratio, enzyme loading and source, reaction time, stirring efficiency, and the reaction medium are known to cause a great impact on biocatalytic processes and, therefore, they will be evaluated in the next topics.



4.2.1. Effect of Temperature


Temperature control is crucial to obtain a high-performance enzyme catalyst. Temperature increase contributes to solubilizing reagents, reducing mixture viscosity, increasing molecular collision, reducing mass transfer limitations, and to improve the interactions between enzyme and substrate [71]. However, enzymes express maximum performance at optimal temperatures, and missing these temperatures can lead to a reduction in catalytic activity and structural stability. For heterogeneous catalysis, typical of biocatalytic processes that use immobilized enzymes, the reaction usually occurs on the catalyst surface in which the molecular reagent adsorbs, diffuses, activates, reacts, and desorbs to form the final products [144]. Higher temperature increases diffusivities and reduces viscosities, enhancing the mass transfer of substrates to the enzymes. Therefore, immobilized systems require larger activation energy when compared to the same process under homogeneous conditions. However, enzyme stability is higher at elevated temperatures in low-water environments compared to aqueous solutions [145] and also for immobilized catalysts as compared to the free enzyme [45].



In phytosterol esters’ production by enzymes, the temperature is set in the range of 30 to 101 °C, depending on the lipase used (Table 2). Chen et al. [73] evaluated the effect of temperature (35 to 60 °C) on the yield of β-sitosterol laurate production using Candida rugosa lipase and observed a substantial increase from 34 to 56% when the temperature changed from 35 to 45 °C. The authors subsequently observed a slight decline to 49% after further increasing the temperature to 50 °C, and then a major decline to 26% at 55 ° C and finally to 3% at 60 °C. They attributed this reduction to the denaturation and inactivation of the enzyme but also to the changes of the reaction medium properties into an inappropriate reaction system [45]. Probably the use of a reverse micelle system that combines an aqueous dispersed phase and a nonaqueous continuous phase with the assistance of amphiphilic molecules, was not ideal for a temperature increase since thermostability of free enzymes is usually lower than immobilized systems [73]. He et al. [65] studied the effect of temperature on the synthesis of phytosterol linolenate catalyzed by lyophilized C. rugosa lipase and observed that increasing temperature improved the substrate solubility, but the catalytic activity and stability of the enzyme were strongly affected. At 50 °C, phytosterol linoleate conversion was more than three times the conversion with immobilized enzymes Novozyme 435 and Lipozyme RM IM, but the optimal temperature for the ester conversion by lyophilized Candida rugosa lipase was 40 °C [65].



Cui et al. [82] also evaluated the influence of temperature on the synthesis of phytosterol oleate using Y. lipolytica lipase immobilized in celite by adsorption. The authors found that the increase in the reaction temperature from 30 to 50 °C resulted in a corresponding increase in the esterification yield, with a maximum conversion of 85% at 50 °C. Temperatures above 50 °C did not improve the esterification yield. High (101 °C) temperatures have been used with immobilized lipases, such as Novozyme 435 [112], but conversion did not improve much (maximum 85.6%). Higher conversion (>90%) and reduction in the reaction time (1 h) could be achieved with this enzyme at a lower temperature (85 °C) in supercritical carbon dioxide [130]. Microwave irradiation could also help C. rugosa lipase immobilized in ZnO nanowires/macroporous SiO2 composites to increase conversion (>95%) and reduce reaction time (1 h) in the synthesis of phytosterol ester at low temperature (50 °C) [86]. These strategies increase substrate solubilities without the need to increase temperature as much, which is good for enzyme activity [86,130].




4.2.2. Effect of Substrate Molar Ratio


The study of molar ratio is a particularly important parameter for any biocatalysis system that aims at high yields without reducing enzyme activity or wasting reagents [71]. The molar ratio is the ratio between the acyl donor (for example, fatty acids) and the acyl acceptor (for example, phytosterol).



Normally, increasing the substrate mole ratio significantly improves the esterification yield. This is due to the change in the esterification equilibrium, referred to as the Le Chatelier principle, which has been widely recognized in the esterification reaction [73,146,147]. In theory, this principle indicates that the excess of the equivalent molar amount of one of the substrates causes a change in the reaction equilibrium towards the direction where the product is formed [73]. However, the increase in the substrate molar ratio can influence other characteristics of the reaction medium, such as pH and solubility, which can affect the reaction negatively.



Several studies have evaluated the effect of substrate molar ratio to maximize the esterification yield and avoid waste [65,73,84,90,93,95]. Liu et al. [77], studying the β-sitosterol linolenate production, observed that the increase in linolenic acid concentration showed a tendency for rapid growth in the conversion rate. However, when the linolenic acid concentration exceeded 40 mmol/L, there was a reduction, indicating that the reaction reached an equilibrium point.



A rapid increase in the esterification yield of β-sitosterol laurate (33.74 to 52.90%) was observed as the substrate mole ratio increased from 1:1 to 1:3, without significant results when it was increased to 1:5 [73]. The authors attributed this fact to an increase in acidity and a decrease in the solubility of the reaction medium.



Dong et al. [78] observed that for phytosterol linolenate production, a molar ratio of 1:2 yielded 30% of esterification, while a subsequent increase to 1:3 and 1:4 yielded 90%. For the phytosterol oleate synthesis, a molar ratio of 1:1 (oleic acid:phytosterols) converted only 62.1% of phytosterol, while for a molar ratio of 2:1, 84.2% was obtained [81].




4.2.3. Enzyme Source and Load


The source and amount of enzyme strongly affect the technical-economic viability of phytosterol esters’ synthesis processes. The lipases most used in obtaining phytosterol esters are those produced by C. rugosa, as previously mentioned (Table 2).



C.rugosa lipases are commercialized in mixtures of isoenzymes, mainly Lip1, Lip2, and Lip3, which are stabilized with lactose that plays an important role as a water reservoir [138], and might be the reason for its success in those reactions since it can protect the enzyme in a low-water content environment [93]. The active site in CRL is covered by the α-helix lid, composed of amino acids with amphiphilic properties, which is essential for the catalytic enzymatic activity and/or enantioselectivity [138], another advantage for esterification reactions.



Other enzymes can also be studied, considering that they must be compatible with low-water content media because trace water is needed for enzymatic catalysis in a non-aqueous phase. Covalent modification of the lipase surface has been performed by some researchers to improve enzymatic activity and stability in those media [148]. However, this approach may change the structure of the enzyme molecules, causing irreversible loss of enzymatic activity. Jiang et al. [93] used macroporous resins for C. rugosa lipase adsorption (immobilization) and added trehalose during the enzyme-catalyzed reaction of phytostanols’ esterification to protect the enzyme. The aqueous solution of trehalose was attached to a site-directed area of the lipase surface, which is generally hydrophilic and far from the active site due to the expulsion from the hydrophobic solvent. As a result, the esterification reached 96.6% after 10 h.



A different lipase was tested with promising results: The lipase from Ophiostoma piceae catalyzed β-sitostanol ester synthesis via transesterification with the yield of 80–90% in 1 h at nearly room temperature [149].



Another important enzyme feature is its form, that is, immobilized or free. Immobilized enzymes have been used preferentially, as they generally improve the performance of these biomolecules as well as allowing their reuse, which contributes greatly to reducing the process cost [79,81,98].



C. rugosa lipase immobilized on macroporous resins by Jiang et al. [93] was able to maintain the esterification rate above 85.0% after six recycles. The immobilization of C. rugosa lipase was also performed on the mixed-mode silica particles via hydrophobic and strong cation-exchange interaction, which increased its stability remarkably at high temperature in comparison to free enzyme [98]. The immobilized lipases could reach a degree of 95.3% of phytosterols’ linolenate esterification and retained 78.6% of their initial activity after seven recycles [98].



Phytosterol ester was synthesized using Yarrowia lipolytica lipase Ylip2 immobilized on celite in a solvent-free system and retained 90% esterification activity for the synthesis of phytosterol oleate after eight reuse cycles, while free lipase was only viable for five batches [82]



High enzymes’ loading is not recommended in esterification reactions, as it can cause agglomeration, which can lead to substrate site blocking [150]. In addition, it can increase the viscosity of the reaction medium, too, much by limiting mass transfer [150].



There are many studies on the effect of enzyme loading in the production of phytosterol esters. Chen et al. [73] varied the amount of C. rugosa lipase from 3 to 30% (total w/w of reagents) to produce β-sitosterol laurate and observed a great increase in the esterification yield (17.83 to 65.48%) when the enzyme amount was increased from 3 to 15%. However, the continuous increase in enzyme load to 30% did not improve the yield.



He et al. [65] also evaluated the influence of the C. rugosa lipase amount (5 to 40 g/L) on phytosterol linolenate production and observed that an increase in enzyme dosage from 5 to 20 g/L resulted in a significant improvement in conversion (40.6 to 90.4%). The authors also observed that the additional increase from 20 to 40 g/L did not improve the results, indicating that 20 g/L of Candida rugosa lipase was ideal for the process. A similar trend was found in the study by Zheng et al. [98], who observed that the highest production of phytosterol esters was obtained using 15 g/L of immobilized C. rugosa lipase.




4.2.4. Effect of Reaction Medium


Esterification reaction is greatly influenced by the presence of water because the equilibrium by hydrolytic enzymes is in favor of hydrolysis, that is, the reverse reaction [71]. Thus, for phytosterol esters’ synthesis, a water-free reaction medium enables high conversion rates. However, esterification reactions produce water as a by-product. In this sense, some strategies are adopted to minimize water content.



The use of organic solvent has been one of the most used approaches, with the advantages of increasing substrate concentration and solubility and also changing the thermodynamic reaction equilibrium to favor esterification over hydrolysis [151,152]. The right choice of solvent is also of crucial importance in the process; therefore, the log P (logarithm of the partition coefficient of a solvent in the octanol/water mixture) is a widely used parameter to evaluate the effect of organic solvents on esterification yield [70]. Solvents having log P < 2 are hydrophilic and, hence, are not expected to be very suitable for biocatalysis [145]. Lipases are generally more unstable in polar solvents miscible in water [153] because they remove water from the hydration layer of enzymes, disrupting enzyme conformation causing inactivation [154]. Solvents with log P values between 2 and 4 are much less hydrophilic, but the predictability for solvent suitability is poor in this region. With higher log P values, the solvents become hydrophobic and, therefore, are the best hosts for biocatalysis [145]. The non-polar solvents probably change the equilibrium from the closed to the open conformation of the enzyme and also modify the solubility of substrates and products in the reaction medium, favoring conversion [155]. However, log P is not the only parameter affecting enzyme activity in an organic solvent system, but the cumulative effect of several other parameters, such as dielectric constant, dipole moment, hydrogen bonding, and polarizability [156], and, therefore, the reaction medium and solvent type also influence the conversion.



For phytosterol esters’ synthesis, the use of higher log P solvents has been reported as a better choice. Lipases, the main enzymes used in phytosterol esters’ synthesis, usually exhibit greater catalytic activity and operational stability in higher log P solvents [67,74,87,92,157]. Zheng et al. [95] evaluated solvents with different log P values (n-hexane, isooctane, cyclohexane, and tert-amyl alcohol) for the synthesis of phytosterol linolenate and observed that isooctane, the solvent with the highest log P (log P = 4.5), was the best solvent for the esterification.



Chang et al. [75] studied the effect of different solvents on the esterification yield of stigmasterol oleate and observed that the esterification rate obtained with petroleum ether (log P = 0.89) was significantly higher than with other solvents: n-heptane (log P = 4.0); isooctane (log P = 4.5); and n-hexane (log P = 3.5). This surprising result was attributed to the higher solubility of stigmasterol in petroleum ether.



Although organic solvents are important in esterification reactions, the use of these substances can exhibit some drawbacks associated with the costs of separation and the presence of residual toxic substances to human health at the final product. Thus, the production of phytosterol esters in solvent-free media has been gaining importance in recent years [82,96,100,158]. In these studies, different strategies to remove water from the reaction media are proposed since water is a by-product of the process, which favors the reverse reaction (hydrolysis).



The presence of water in the reaction medium during the esterification process can be quantified by its water activity (aw), which governs the hydration of enzymes, also indicating the massive action of water [159]. Several techniques have been used to minimize the effect of aw on the esterification yield since its value constantly changes due to the continuous production of water during the course of reaction [160]. Some techniques include vacuum evaporation [161], absorption by cation exchange resins [162], pervaporation [163], and molecular sieves [164], among others. Phytosteryl ester synthesis with pinolenic acid using immobilized C. rugosa lipase was tested under vacuum in a pressure range between 0.7 and 100 kPa [90]. The degree of conversion increased from 86 mol% to 93 mol% when the vacuum was increased (from 100 kPa to 80 kPa), indicating a positive effect of water removal. However, decreasing the pressure to 13 kPa did not lead to changes in the reaction initial rate or maximum conversion, and a further decrease in pressure reduced both these biocatalytic parameters. These results indicate that the improvements promoted by vacuum have optimal values, above which the enzyme activity decrease, possibly via limited availability of essential water for the biocatalysis.



Some studies used salt hydrate pairs to keep the water activity at a constant value, but this system is not potentially scalable [81,124]. Alternatively, the introduction of air or nitrogen into the reaction medium [165,166,167] has several advantages, such as the high water transfer and low effect on the enzyme activity and stability [168]. Controlling the water activity by the introduction of dry air through the reaction medium with a digital feedback-controlled flow rate was proposed by Cui et al. [82] for the esterification of phytosterol ester by Yarrowia lipolytica lipase Ylip2 immobilized on an inorganic support. The low water activity (15%) resulted in a considerable improvement in phytosterol conversion (91.1%) as well as a decreased reaction time (78 h).



Dong et al. [78] investigated the esterification of phytosterols with polyunsaturated fatty acid in a solvent-free system and achieved, under optimized conditions, a conversion of about 90%. Apparently, their strategy to remove water from the reaction medium was to use a hydrophobic material, the hollow mesoporous silica sphere modified with octadecyl, to immobilize C. rugosa lipase. A Pickering emulsion reaction system was created by Dong et al. [115] by an immobilized C. rugosa lipase on mesoporous carbon spheres, working as both emulsifier and catalyst. Each micelle contained the reactants in the oil phase, which repealed the water, and the oil–water interface maintained the lipase “lid” in the opened position, increasing its catalytic performance. A 95% conversion to phytosterol ester was achieved after 1.5 h.




4.2.5. Reaction Time


Reaction time influences the process viability and, therefore, must be taken into account in phytosterol ester synthesis. The effect of the reaction time from 6 to 54 h was investigated on the esterification yield of β-sitosterol laurate and an increase from 17.88 to 70.26% was observed when the reaction time increased from 6 to 42 h [73].



Shang et al. [81] studied the effect of reaction time in the production of phytosterols’ esters using immobilized lipase and found that the conversion increased rapidly in the initial period of 4 h, and then slowly to a maximum value (96.5%) after 6 h. Liu et al. [77] also evaluated the effect of reaction time in the synthesis of β-sitosterol linolenate and observed that, as the reaction time progressed, the conversion rate gradually increased and remained basically unchanged after reaching 300 min.





4.3. Potential Technologies for Biocatalytic Synthesis of Phytosterol Esters


The use of some technologies in the biocatalytic synthesis of phytosterol esters can improve its performance: shorten reaction time, reduce costs, dispense the use of organic solvents, and increase conversion. Some examples are ultrasound-assisted biocatalysis, microwave irradiation, or the use of supercritical fluids.



Ultrasound is a technology that uses sound energy at frequencies above 16 kHz. The sound comprises longitudinal waves that present cycles of compression and rarefaction, which can produce a phenomenon known as cavitation [169]. This phenomenon has been used to increase the esterification rate of enzymatic reactions. The use of ultrasound is linked to the reduction of transport barriers between the enzymes and the target site, which helps to increase the enzyme-to-substrate ratio at the target site and reduce the reaction time [150]. The stabilization of the enzyme in a solution can also be improved by the application of ultrasound, as it avoids enzyme agglomeration [169]. To improve enzymatic reactions using ultrasound, the frequency employed must be adjusted because high intensities can cause enzyme structure disruption and low intensity may not result in the desirable cavitation effect [170,171].



Zheng et al. [137] studied the production of phytosterol esters using Canadia sp. lipase under ultrasound irradiation and found that the pre-treatment by ultrasound for 8 to 10 h could accelerate the esterification or transesterification of the phytosterol esters, with a general conversion two times higher than the stirring process for 16 to 24 h. The authors also reported that the treatment did not affect lipase activity.



Microwave irradiation has also been used to improve the performance of enzymatic reactions. This technology can increase the activity and thermal stability of enzymes by directly supplying energy to the reaction medium molecules (for example, solvents, substrates, catalysts), resulting in a short reaction time as well as a high yield [86]. It has been reported that microwave irradiation may enhance the non-covalent forces that maintain enzyme structure, different from conventional heating [86,172]. However, it is important to emphasize that, being a heating strategy, it can also cause protein unfolding. Therefore, controlling process conditions, especially temperature, is critical to prevent enzyme denaturation.



The synergism between microwave irradiation and enzymatic catalysis, aiming at increasing the esterification yield of phytosterol esters, has been reported. The production of oleate phytosterol using C. rugosa lipase and microwave as a heating source yielded 75.26% of esterification [88]. Shang et al. [86] used microwave irradiation to catalyze the esterification of phytosterols and oleic acid in the presence of immobilized C. rugosa lipase and observed an esterification yield of 95% with 1 h of reaction, whereas conventional methods would require 6 h to obtain the same conversion.



Recently, the use of supercritical fluids has also received attention in the production of esters by an enzymatic route. Supercritical fluids are fluids above their critical temperature and pressure, having liquid-like densities and gas-like diffusivities, characteristics that favor mass transfer in the reaction system [71]. Supercritical fluids are widely used in the food industry due to their low toxicity, low cost, and low impact on the physical and chemical properties of foods [173]. Among the supercritical fluids, carbon dioxide (CO2) is the most common due to its advantages such as non-flammability, inertness, the possibility of full recovery at the end of the process, and moderate critical properties (Critical pressure = 7.38 MPa, Critical temperature = 304.2 K) [173].



There are still a few studies using supercritical fluids for the synthesis of phytosterol esters. YU et al. [76] studied the esterification of phytosterol and free fatty acids using Novozyme 435 in supercritical CO2 and found that with increasing CO2 filling pressure, the esterification reaction rate also increased, obtaining an esterification yield of 93.2%.



Considering large-scale industrial phytosterol ester production, the immobilization of lipase in packed bed reactors would be most promising. In those reactors, continuous production can be achieved, and it can be reused for long periods of time [116]. The synthesis of phytosteryl ester by an immobilized commercial lipase from C. rugosa was tested in a recirculating packed bed reactor. The conversion of phytosterol with fatty acid from echium oil reached 90 mol%. Xiao et al. [116] tested an ultrafast continuous esterification/transesterification method based on the monolithic continuous flow bioreactor for phytosterol ester synthesis, resulting in high catalytic activity and a possible 200 h of continuous use without enzymatic activity loss. Most recently, a continuous-flow bioreactor packed with lipase immobilized in hollow mesoporous silicon spheres was developed for the synthesis of functional phytosterol esters, resulting in a conversion of 94% and a production of 1564 g phytosterol esters per g of catalyst in a continuous 30-day processing period [110].





5. Analytical Methods for Phytosterol Esters’ Detection: Confirming the Synthesis


In nature, plants have a wide molecular variety of phytosterols that can be found either free or esterified to fatty acids or phenolic acids or conjugated to glycosides and acyl glycosidic chains [174]. The concentration of free and conjugated phytosterol esters in plants and many foods can vary considerably.



Free sterols and sterol fatty acid esters are the most common forms of phytosterols in plants. Therefore, their contents in natural sources are well known. However, conjugated sterols such as acyl glycosides, acylated steryl glycosides, and steryl ferulates have not been fully characterized as we lack dependable and comprehensive analytical methods. Therefore, their functions in plants remain poorly understood [175]. Analysis of the plant sterol profile, concomitantly addressing free and conjugated forms, is not an easy task [176]. Most frequently, the preferable approach is using a chromatographic method coupled to a mass spectrometer (MS), achieving separation of sterols and subsequent identification with a high degree of certainty, depending on the mass detector used [177]. In general, liquid chromatography (LC) has the advantage on sample preparation over gas chromatography (GC) [178]; in the former, sample extracts usually can be analyzed directly, in contrast to the latter that demands derivatization to block hydroxyls in free sterols and glucoside and phenolics’ conjugates [179]. Most frequently, phytosterols and their derivatives are silylated, meaning that hydroxyl groups react with a silylation reagent, thus producing less polar and, consequently, more volatile and/or thermally resistant derivatives for GC analysis [180]. Although sample preparation for GC is time consuming and may be tricky, chromatographic peak resolution is generally higher than in LC. Besides, ionization in GC-MS occurs in the gas phase and, thus, tends to produce mass spectra that are easier to interpret and to assign peak identity [181]. Both LC-MS and GC-MS can provide high-quality data of plant sterol profile in real samples, and the choice of method depends on laboratory infrastructure and on analysts’ training in each laboratory [178].



A liquid chromatography-mass spectrometry (LC-MS) method in a single quadrupole mass detector was used to analyze the chemical profile of free phytosterols and esters of fatty acids, such as palmitic, stearic, oleic, linolenic, and linoleic acids in a tobacco extract with little sample preparation [182]. Phytosterol esters were separated by a non-aqueous reversed-phase chromatography technique using acetone (A) and acetonitrile (B) as mobile phase with a flow rate of 1.0 mL/min in gradient condition: A 100% at 0 min, A 30% at 10 min, A 20% at 30 min, A 0% at 40 min, and A 0% (B 100%) until 55 min. The analytes were ionized in an atmospheric pressure chemical ionization ion source, and more than 20 compounds were identified. The complete separation of phytosterols and phytosterol esters was performed, including the higher fatty acids such as palmitic acid (C16), stearic acid (C18), oleic acid (C18:1), linoleic acid (C18:2), and linolenic acid (C18:3) without preliminary separation and quantified based on authentic standards.



Free and conjugated phytosterols’ profile in rice bran and its oil were determined by high-temperature GC-MS (HTGC-MS), combined with the method of a single standard to determine multi-components to provide qualitative and quantitative data on free sterols and steryl glycosides [183]. To achieve a more comprehensive chemical profile, steryl ferulates were determined by high-performance liquid chromatography with a photon-diode array detector (HPLC-PDA). The authors claimed to have reduced laborious sample pre-treatment and native analytes’ losses, improving overall data quality and quantification accuracy.



Analysis of phytosterol esters is a subject of continuous interest, and, therefore, effective methods of separation and quantification are continually being developed and published. Recently, an innovative method was developed for phytosterol derivatization to improve HPLC-PDA analysis and ESI-MS detection for analysis of plant sterols and stanols [184]. This derivatization method aims at improving the detection of these esters in the LC chromatographic techniques by reducing lipophilicity and attaching a chromophore group. The highest yields of phytosterol derivatives were obtained with 8 mg ml−1 of 4-dimethylaminopyridine (DMAP) and dichloromethane as reaction medium. The proposed modified derivatization method presented high reproducibility (RSD = 1.2–2.7%) and good linearity (R2 = 0.9982–0.9999). Additionally, this derivatization allowed the use of detection wavelengths with higher values that were more selective. The derivatives had higher absorptivity and, thus, higher signal/noise ratios. The method seemed to have improved the chromatographic separation of phytosterols.




6. Technology Challenges and Safety of Sterol Esters


The most used process to synthesize phytosterol esters is based on chemical esterification, which occurs at high temperatures (high-energy demanding process), generates considerable amounts of by-products, and presents low selectivity. In this context, biocatalysis represents an environmentally friendlier route for the synthesis of these compounds, especially for the food sector. Enzymatic catalysis is highly advantageous to produce such esters as the only reaction products and without toxic reagents, providing industrial inputs with better quality and safer for use in food products.



The present review showed many promising data of the use of lipases in direct esterification and transesterification reactions to obtain phytosterol esters, showing high conversions rates and reduced reaction times, comparable to those obtained by chemical synthesis. However, most data come from works that have been limited to the use of some specific lipases, and, in many cases, the enzymes were tested in their free form.



Future studies of biocatalysis for phytosterol ester synthesis should consider testing low-cost enzymes, for example, those produced from agro-industrial wastes [38,40,41], and to investigate immobilized biocatalysts to facilitate their recovery and reuse. Enzyme immobilization on hydrophobic supports is of greatest interest, as the reaction medium needs to be in a low-water environment to restrict hydrolysis reactions. Continuous flow bioreactors with the enzyme immobilized in hydrophobic supports must be considered for possible industrial applications, as already demonstrated by Xiao et al. [116] and Xu et al. [110]. Ultrasound and microwave irradiation are potentially useful strategies to accelerate enzymatic reactions so they can be competitive in relation to chemical processes, as proven by Zheng et al. [137] and Shang et al. [86], respectively.



A further challenge of this technology is the need for a non-aqueous medium, which usually requires an organic solvent, reducing the process environmental friendliness. The solvent is important in the reactions to produce phytosterol esters, as, in addition to contributing to the removal of water on the enzyme surface, it also increases the solubility of the phytosterols, which is essential for obtaining a high yield of esterification. For these reasons, few investigations have been conducted on solvent-free media with satisfactory results, and, therefore, new alternatives must be tested to increase yield. Compared to organic solvents, supercritical fluid can be considered a solvent-free system and can be used in the food industry because of low toxicity. This strategy has been tested for phytosterol ester synthesis catalyzed by lipase with success [76]. Recently, a simple mathematical tool called Substrate-Enzyme Relation (SER) was developed by de Sousa et al. [185] to conciliate the thermodynamics’ and kinetics’ aspects towards high conversions in enzymatic ester synthesis, indicating a range of reaction conditions to accomplish that. As for the enzyme, strategies to limit water availability in the catalytic site are potential technologies, for example, immobilization in highly hydrophobic supports [78,115] or the modification of its surface by direct evolution technology, which have been performed for other purposes with great success, as reviewed by Bornscheuer and Pohl [28].
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Figure 1. Examples of reactions catalyzed by lipases. Hydrolysis (1) is the most prevalent reaction in aqueous media, whereas synthesis reactions (2–5) can occur in non-aqueous media (ACD/ChemSketch (Freeware) version 2018.2.1, Advanced Chemistry Development, Inc., Toronto, ON, Canada). 
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Figure 2. Schematic representation of the mechanism of hydrolysis reactions catalyzed by lipases. The catalytic triad (Ser-His-Asp/Glu) and the oxyanion group are shown, which are conserved structural features of lipases’ catalytic site (ACD/ChemSketch (Freeware) version 2018.2.1, Advanced Chemistry Development, Inc.). 
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Figure 3. Scheme of phytosterol esters’ synthesis. 
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Figure 4. Synthesis of phytosterol esters by direct esterification to free fatty acids (a) and transesterification with triacylglycerols (b) in the presence of a biological catalyst. 
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Table 1. Synthesis of phytosterol esters using enzymatic catalysts.
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	Product
	Enzyme
	Solvent
	Temperature (°C)
	Time (h)
	Conversion (%)
	Ref.





	β-sitosterol

laurate
	Candida rugosa lipase
	Isooctane
	47
	48
	88.12 ± 0.79
	[73]



	Functional oil
	Candida rugosa and Thermomyces lanuginosus lipase
	n-heptane
	40
	8
	-
	[74]



	Stigmasteryl oleate
	Candida rugosa lipase
	Petroleum ether
	45
	16
	97.33
	[75]



	Rice bran oil
	Novozym 435
	Solvent-Free
	78
	41
	93.2
	[76]



	β-sitosterol linolenate
	Candida rugosa lipase
	Isooctane
	29.5
	6
	96.8 ± 0.7
	[77]



	Phytosterols linolenate
	Candida rugosa lipase
	Solvent-Free
	50
	1.17
	90.0 ± 2
	[78]



	Rice soybean oil
	Candida antarctica lipase B
	Solvent-Free
	50
	3
	86.2
	[79]



	Phytosterol ester
	Candida rugosa lipase
	Cyclohexane
	30
	8
	81.0
	[80]



	Phytosterol oleate
	Candida rugosa lipase
	Isooctane
	50
	6
	96.5
	[81]



	Phytosterol oleate
	Yarrowia lipolytica lipase
	Solvent-free
	50
	72
	91.1
	[82]



	Phytosterol ester
	Candida rugosa lipase
	n-heptane
	44
	12
	90.8 ± 0.4
	[83]



	Phytosterol Linolenate
	Candida rugosa lipase
	Isooctane
	40
	2
	95.9 ± 0.8
	[65]



	Phytosteryl Ester
	Candida rugosa lipase
	n-hexane
	40
	0.05
	90.0
	[84]



	Phytosteryl laurate
	Candida rugosa lipase
	n-hexane
	50
	48
	95.1
	[85]



	Phytosterol oleate
	Candida rugosa lipase
	Isooctane
	50
	1
	95.4
	[86]



	Functional Oil
	Candida rugosa lipase
	Hexane
	50
	12
	>92.1
	[87]



	Phytosterol oleate
	Candida rugosa lipase
	-
	-
	0.6
	75.26
	[88]



	Phytosterol oleate
	Candida rugosa lipase
	-
	30
	24
	80.0
	[89]



	Phytosteryl ester
	Candida rugosa lipase
	Solvent-free
	60
	1.5
	93.0
	[90]



	β-sitosteryl esters
	Candida antarctica lipase
	Hexane
	40–50
	24
	93.0–98.0
	[91]



	Phytosterol esters
	Candida rugosa lipase
	Isooctane
	50
	7
	>92.1
	[92]



	Phytosterol laurate
	Candida rugosa lipase
	n-hexane
	40
	10
	96.6
	[93]



	Phytosterol oleate
	Candida sp. lipase
	Isooctane
	45
	24
	93.4
	[94]



	Phytosterol esters
	Candida rugosa lipase
	Isooctane
	40–55
	6–24
	>80.0
	[95]



	Phytosteryl esters
	Candida rugosa and Pseudomonas stutzeri lipase
	Solvent-free
	50–60
	3–4
	>90.0
	[96]



	Phytosteryl Caprylates
	Candida rugosa lipase
	n-hexane
	45
	9
	98.0
	[97]



	Phytosterols linolenate
	Candida rugosa lipase
	Isooctane
	55
	15
	93.5
	[98]



	Phytosteryl esters
	Pseudomonas stutzeri lipase
	Free and exogenous solvent
	50
	-
	-
	[99]



	Phytosteryl esters
	Different enzymes
	Solvent-free
	25 and 50
	4–312
	5.0–97.0
	[100]



	β-sitosterol esters
	Thermomyces lanuginosus lipase
	-
	40–65
	3–24
	-
	[101]



	Phytosteryl linolenate
	Candida rugosa lipase
	Solvent-free
	35–40
	-
	<80
	[102]



	Phytosteryl esters
	Candida rugosa lipase
	Solvent-free
	50
	9 and 48
	94.0–99.0
	[103]



	Phytosterol oleate
	Candida rugosa lipase
	n-hexane
	51
	17
	97.0
	[104]



	Phytosterol oleate
	Different enzymes
	n-hexane
	35
	24–72
	<85.0
	[105]



	Sitosteryl esters
	Different enzymes
	With or without solvent
	55
	48
	<30.0
	[106]



	Phytosterol ester
	Alcaligenes sp. lipase
	Solvent-free
	100
	7
	97.1
	[107]



	Phytosteryl linolenate
	Rhizomucor miehei lipase
	-
	50
	24
	-
	[108]



	Phytosterol ester
	Candida rugosa lipase
	Solvent-free
	35
	5
	90.0
	[109]



	Phytosterol ester
	Candida rugosa lipase
	isooctane
	55
	-
	93.6
	[110]



	Phytosterol ester
	Proteus vulgaris K80 lipase
	hexane
	40
	3
	71.0
	[111]



	Phytosterol ester
	Novozyme 435 lipase
	-
	101
	3
	85.6
	[112]



	Phytosterol laurate
	-
	-
	45
	48
	94.6
	[113]



	Ergosterol linolenate
	Candida sp. 99–125 lipase
	isooctane
	45
	12
	92.0
	[114]



	Phytosterol ester
	Candida rugosa lipase
	Solvent-free
	55
	1.5
	95.0
	[115]



	Phytosterol ester
	Lipase AYS
	Isooctane
	45
	0.16
	90.0
	[116]



	Functional oil
	Candida rugosa lipase
	Isooctane
	55
	2
	85.0
	[117]



	Phytosterol ester
	Candida rugosa lipase
	Isooctane
	50
	2
	96.8
	[118]



	Phytosterol ester
	Lipozyme 435 lipase
	n-hexane
	55
	20
	93.0
	[119]



	Phytosteryl docosahexaenoates
	Pseudomonas sp. lipase
	n-hexane
	-
	24
	96.0
	[120]



	Phytosteryl lipoate
	Candida rugosa lipase
	2 -metil-2-butanol/n-hexano
	55
	96
	71.2
	[121]



	Steryl hydroxycinnamates
	Candida rugosa lipase
	n-hexane
	63
	120
	55
	[122]



	Functional oil
	Candida antarctica lipase
	-
	-
	-
	87.4
	[123]



	Phytosterol ester
	Candida rugosa lipase
	n-hexane
	45
	48
	84.7
	[124]



	β-sitosterol linolenate
	-
	n-hexane
	50
	72
	72.6
	[125]



	Phytosterol ester
	Candida rugosa lipase
	Solvent-free
	55
	-
	90.0
	[126]



	Linoleyl β-sitosterol
	Candida antarctica lipase
	n-hexane
	50
	72
	72.6
	[127]



	Phytosterol myristate
	Lipase AYS
	n-hexane
	50
	72
	69.9
	[128]



	Phytosterol palmitate
	Novozyme 435 lipase
	n-hexane
	55
	72
	36.9
	[129]



	Functional oil
	Novozyme 435 lipase
	Solvent-free
	85
	1
	92.0
	[130]



	Phytosterol ester
	Pseudomonas

lipase
	-
	55.5
	41.2
	84.4
	[131]



	Phytosterol ester
	Candida rugosa lipase
	n-hexane
	40
	87
	97.5
	[132]



	Phytosterol linolenate
	Novozyme 435 lipase
	Isooctane
	55
	24
	40.6
	[133]



	Phytosterol ester
	Candida antarctica lipase
	-
	50
	72
	85.7
	[134]



	Phytosterol laurate
	-
	Solvent-free
	60
	12
	92.2
	[135]



	Functional oil
	Thermomyces lanuginosus lipase
	n-hexane
	60
	25
	-
	[136]



	Phytosterol ester
	Canadia sp. 99–125 lipase
	Isooctane
	60
	8
	85.7
	[137]










 





Table 2. Patents registered in the last 20 years about the synthesis of phytosterol esters.






Table 2. Patents registered in the last 20 years about the synthesis of phytosterol esters.





	Title
	Inventors
	Registration Number
	Registration Date





	Method for preparing functional edible oil rich in phytosterol esters and diglycerides
	[140]
	US20150289534A1
	15 October 2015



	Method for producing fatty acid phytosterol ester using immobilized lipase derived from Candida rugosa
	[141]
	KR101550101B1

KR20150046397A
	30 April 2015

4 September 2015



	Method for producing phytosterol/phytostanol phospholipid esters
	[142]
	WO2010109441A1
	30 September 2010



	Method for producing plant sterol ester by immobilized whole-cell enzyme catalysis in solvent-free system
	[143]
	CN101200754A
	18 June 2008
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